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OUTLINE 
 

The goal of this work is to demonstrate the synthesis of lignin utilizing a variety of methods 

(photochemistry in a flow system or enzymatically using peroxidase), with an emphasis on the 

fundamental principles of green chemistry. 

Chapter 1. Provides a general introduction to the synthesis and biosynthesis of lignin. It 

illuminates the initiatives that contributed in obtaining a comprehensive understanding of its 

structure and chemical composition. Also discusses the various photochemical pathways for the 

phenoxy radical production and microflow technology. 

Chapter 2. Involve the use of riboflavin as a photo-sensitizer in an anaerobic environment to 

carry out the dimerization of lignin phenolic derivatives using a microflow system. 

Chapter 3. Investigates the oxidation of vanillin using chemical and enzymatic methods. It 

provides a new method using immobilized HRP for the in vitro synthesis of lignin model. 

Chapter 4. Focuses on the effects of the phenoxyl radical attack on the peroxidases. It also 

presents a unique method based on the combination of two approaches, HRP-proximity 

dependent labeling and click chemistry, to identify or inhibit plant peroxidases involved in 

lignification. It also provides novel perspectives for lignin research.  

Chapter 5. Aims at applying an actinometric protocol with a synthetic water-soluble 

azobenzene derivative in a photo-microfluidic reactor in order to measure accurately the photon 

flux of an UV lamp irradiating a blood bag. 

Chapter 6. Outlines the key conclusions reached in this investigation. 
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Abstract  
 

Lignin is the second most abundant biopolymer on the planet, although its creation mechanism 

and structures remain unknown. In this study, lignin and lignification were investigated using 

three different approaches. The first technique was developed to study the different linkages 

constitute lignin by radical coupling to form a dimer in presence of riboflavin as a 

photosensitizer under UV-light (395 nm), using continuous-flow photochemistry in micro-

reactors. The second technique was devised to investigate the lignin interunit connections 

created by a simple lignin monomeric molecule, meaning immobilized enzymes that allowed 

for the simulation of the hydrophobic environment for lignin production. The third technique, 

which involved the use of alkyne-containing monolignols, allowed researchers to investigate 

the behavior of peroxidases during the oxidation of lignin monomers. It also enabled researchers 

to investigate lignification by analyzing the deactivation or identification of lignification 

peroxidases via click-chemistry processes. 

The first strategy consisted of the dimerization of different monomers of natural lignin. High 

dimerization yield of all coupled dimers was achieved including C-C, C-O or β-β’ linkages. 

Immobilized enzymes were employed in the second strategy to investigate vanillin 

polymerization as a lignin template. After derivatization in either acidic or basic solution, the 

oxidation reaction of vanillin catalyzed by immobilized HRP resulted in the synthesis of 

polyvanillin with up to 15 units, primarily linked by carbon-oxygen bonds, as demonstrated by 

MALDI-FT-ICR studies. In the third strategy the modulation of HRP activity during oxidation 

of its substrates was explored utilizing modified monolignols bearing alkyne tags. In the 

presence of H2O2, HRP creates phenoxyl radicals during phenol oxidation. These radicals react 

with HRP, changing its heme or apoprotein via several routes. Coumaric acid-derived 

compounds inhibited HRP with varying effectiveness and specificity across the lignification 

probes utilized in this work. A kinetic analysis demonstrated that two probes, propargyl 

coumarate and methyl coumarate, were responsible for the full loss of HRP activity.  
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Résumé  
 

La lignine est le deuxième biopolymère le plus abondant sur la planète, bien que son mécanisme 

de création et ses structures restent inconnus. Dans cette étude, la lignine et la lignification ont 

été étudiées en utilisant trois différentes approches. La première technique a été développée 

pour étudier les différentes liaisons constituant la lignine par couplage radicalaire pour former 

un dimère en présence de riboflavine comme photosensibilisateur sous lumière UV (395 nm), 

en utilisant la photochimie en flux continu dans des micro-réacteurs. La deuxième technique a 

été conçue pour étudier les connexions interunités de la lignine, créées par une simple molécule 

monomère de lignine, c'est-à-dire des enzymes immobilisées permettant la simulation de 

l'environnement hydrophobe pour la production de lignine. La troisième technique, qui 

impliquait l'utilisation de monolignols contenant des alcynes, a permis aux chercheurs d'étudier 

le comportement des peroxydases lors de l'oxydation des monomères de lignine. Il a également 

permis aux chercheurs d'étudier la lignification en analysant la désactivation ou l'identification 

des peroxydases de lignification via des processus de chimie de clic. 

La première stratégie consistait la dimérisation de différents monomères de la lignine naturelle. 

Un rendement de dimérisation élevé de tous les dimères couplés a été obtenu, y compris les 

liaisons C-C, C-O ou β-β'. Des enzymes immobilisées ont été utilisées dans la deuxième 

stratégie pour étudier la polymérisation de la vanilline en tant que matrice de lignine. Après 

marquage en solution acide ou basique, la réaction d'oxydation de la vanilline catalysée par 

HRP immobilisé a entraîné la synthèse de polyvanilline jusqu'à 15 unités, principalement liées 

par des liaisons C-O, comme les études MALDI-FT-ICR démontrent. Dans la troisième 

stratégie, la modulation de l'activité HRP lors de l'oxydation de ses substrats a été explorée en 

utilisant des monolignols modifiés portant des étiquettes alcynes. En présence de H2O2, HRP 

crée des radicaux phénoxys lors de l'oxydation du phénol. Ces radicaux réagissent avec HRP, 

changeant son hème ou apoprotéine par plusieurs voies. Les composés dérivés de l'acide 

coumarique ont inhibé la HRP avec une efficacité et une spécificité, variables selon les sondes 

de lignification utilisées dans ce travail. Une analyse cinétique a démontré que deux sondes, le 

coumarate de propargyle et le coumarate de méthyle, étaient responsables de la perte complète 

de l'activité HRP.  
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Introduction 

 

The focus of this thesis is the examination of lignin polymerization from several angles. Higher 

plants contain the biopolymer lignin. One of the most prevalent polymers on the world is this 

one. Yet, lignin poses an issue on a global scale since it is produced in large quantities and even 

though it is a resource that is environmentally friendly and sustainable and plays important roles 

in a variety of industries, it is still underutilized. This is due to the fact that lignin is still not 

fully understood, despite years of rigorous research into its structure and the processes that lead 

to its synthesis. The complexity of mechanisms influencing lignin production, which leads to a 

polymer with a highly variable composition and structure, is the root cause of the issue. Thus, 

it is essential to comprehend all of the biosynthetic processes that underlie the formation of 

lignin polymers. The manufacture of a typical polymer that is similar to native lignin was 

carefully studied while taking into account the synthesis of several types of lignin models. This 

provided a strong foundation that made lignin investigations easier. In this regard, we 

investigated lignin polymerization using several methods. 

Lignin is a natural polymer characteristic of wood which constitutes the second biopolymer on 

earth after cellulose. Lignin is formed by the polymerization of three main monomers which 

are p-coumaryl, coniferyl, and sinapyl alcohols. These monomers are phenols bearing in para 

position a propenol side chain. They have been used as bio-based building blocks, they bind 

together through different C–C and C–O linkages after being oxidized by peroxidases in 

presence of hydrogen peroxide to form a complex tri-dimensional polymer or by radical 

coupling to form a dimer in presence of riboflavin as a photosensitizer under UV-light (395 

nm), using continuous-flow photochemistry in micro-reactors which is an interesting approach 

to researchers in academia and industry applied for organic synthesis as this technology 

provides reduced reaction times, higher selectivity, reproducibility, safely use hazardous 

intermediates in respect to the principles of green chemistry. 

A lot of research has been done on the in vitro synthesis of lignin model compounds, which 

have helped us understand some aspects of lignin polymerization and gathered crucial structural 

information about lignin. Vanillin was chosen as the starting material for the synthesis of the 

model. Vanillin is a lignin model compound that is created during lignin depolymerization and 

has recently attracted more interest from scientists across several disciplines, particularly in 

polymer science. Vanillin dimerization is highly reported in literature, where two forms of 
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vanillin dimers exists, C-C and C-O coupled dimers. It was investigated whether the 

immobilized enzymes could oligomerize vanillin. And the results were confirmed by the matrix 

assisted laser desorption-time of flight (MALDI-TOF) spectrum and nuclear magnetic 

resonance (1H-NMR).  

The subsequent study of lignin concentrated on the early stages of lignin polymerization, which 

involve the activity of oxidoreductases. Lignification peroxidases are still elusive as peroxidase 

are ubiquitous in plant like kinase in mammals. We have shown that the fluorinated analogue 

of coniferyl alcohol and fluoro-coniferin, its transport form, are inhibitors of lignin biosynthesis 

[1]. One of classical way for isolating an enzyme for which an inhibitor is known is to add an 

azide group or a triple bond to the inhibitor, allowing pull-down of the enzyme by conjugating 

it with biotin via click chemistry. Unfortunately, it has been reported that azides and terminal 

alkynes inhibit peroxidases [2]. In order to ascertain the difference of reactivity between 

phenols and terminal alkynes we synthesized monolignols or analogues bearing a propargyl 

group either on the alcohol of the propenyl chain, on the phenol or on the oxygen ortho to the 

phenol in coniferyl, and sinapyl alcohols. Labeled version by stable isotopes of these synthesis 

will also be presented. The reactivity of the synthetized compound with the model peroxidase, 

Horseradish peroxidase (HRP) will be discussed according to the hole hopping concept [3]. 

Finally using our microflow reactor, we worked on a new project. The aim of this project was 

to apply an actinometric protocol with a synthetic water-soluble azobenzene derivative in a 

photo-microfluidic reactor in order to measure accurately the photon flux of an UV lamp 

irradiating a blood bag. This work will be a part of a project carries out by the Macopharma 

pharmaceutical industry in which the research department focus on the treatment of several 

diseases such as diabetes by using UV irradiation. With the apparition of new aerobic viruses 

like the Sars Covid 2, it is important to develop the new process of treatment and disinfection. 

Indeed, the Macopharma research department conduct the development of a new process of UV 

irradiation against viral infections such as the UVC in order to protect plasma and platelet units 

from virus infection, bacteria and with UVA for treating diabetes or graft rejection.  
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1. CHAPTER ONE: LITERATURE OVERVIEW 
 

1.1. Lignin  
 

One of the most prevalent polymer on the earth is lignin, a biopolymer found in higher plants 

[4]. It forms with cellulose and hemicellulose the plant lignocellulosic biomass [5]. 

Lignocellulosic biomass (wood, straw) contains 45% cellulose, 25% hemicellulose and 25% 

lignin on average (Figure 1-1) [6, 7] . Lignin is an important renewable bioresource that can be 

used in different industrial approaches. About 5% of chemicals are currently made from 

renewable resources, the successful conversion of biomass demonstrates that there is a growing 

interest in biobased products. Nevertheless, it is yearly accumulated in large quantities from 

pulping and bio-refinery industries and its usage is limited, due to the lack of clear data about 

the structure of lignin that principally limits its utilization[8, 9]. This polymer has a variety of 

roles in pharmacology, industry, and human biology [10, 11] . 

 

 

Figure 1-1: Typical lignocellulosic biomass composition 

 

1.1.1. Chemical nature and composition 

 

Lignin, a phenolic polymer characterized by a very complex structure [12], is found in the plant 

secondary cell walls. Mainly, lignin is composed of three monolignols, p-coumaryl alcohol, 

coniferyl alcohol, and sinapyl alcohol with varying methoxylation levels (Figure 1-2) [13]. 

When incorporated into the polymer, they are introduced under the form of H unit, G unit and 

S unit respectively. Lignin has been classified into three types: softwood, hardwood, and grass 

lignin. Hardwood lignin contains both coniferyl alcohol and sinapyl alcohol, softwood lignin 

has a lot of coniferyl alcohol, and grass lignin has the three main lignin monomers. 
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Figure 1-2: The three main monolignols of lignin 

 

There are numerous other varieties of monomers that are categorized as lignin monomeric 

compounds like vanillin, syringaldehyde, syringic acid, 4-hydroxybenzaldehyde, 4-

hydroxybenzoic acid, vanillic acid, p-coumaric acid and ferulic acid (Figure 1-3) [14]. 

 

 

Figure 1-3: The structures of lignin monomers [14] 

 

1.1.2. Lignin sources  

 

Technical and native lignin are two different types of lignin. Native lignin refers to the unaltered 

native lignin structure found in lignocellulose. It is always present as a component of 

lignocellulose. The majority of the lignin under study is technical lignin, also known as 
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modified lignin, which is lignin that has been reclaimed from industrial byproducts or biomass. 

The transformation of technical lignin into other value-added compounds or products is the 

subject of numerous studies.  

Kraft lignin (KL) is the main industrial source of technical lignin, but there are a number of 

other forms of lignin sources as well, including hydrolysis lignin (HL), organosolv lignin (OL), 

pyrolytic lignin (PL). These technical lignins vary in composition and molecular weight 

depending on where they come from and how they were extracted [15]. 

Technical lignin from the industrial by-product can be used as a direct raw material for the 

synthesis of other chemicals. Technical lignin's aliphatic and aromatic hydroxyl groups are its 

main active sites; as a result, it can be used directly as polyols for making polyurethane and can 

replace 30% of the process petroleum-based polyols [16]. However, because the complex 

structure blocks the reactive site, technical lignin has substantially lower reactivity than lignin 

fragments. When making polyurethane, the depolymerized lignin fragment can replace up to 

50% of the petroleum-based polyols, as opposed to the technical lignin [17]. Depolymerization 

can thereby increase lignin availability and reveal more reactive sites that are more conducive 

to subsequent use [18]. 

 

1.1.3. Lignin and bio-refineries  

 

Bio-refining is the process of transforming biomass into biobased products (food, chemicals 

and materials) and bioenergy (biofuels, electricity and heat) [10]. In a sustainability approach, 

the bio-refineries of the future will need to use the entire plant to produce molecules that were 

previously made from petroleum while minimizing the environmental footprint [19].  

A bio-refinery is described by Moncada et al. [20] as a network of facilities that incorporates 

equipment and processes for converting biomass into biofuels, energy, and chemicals. This 

results in a wide range of chemical and energy molecules being represented in new, more 

effective processes with less negative effects on the environment. The potential for creating and 

putting into practice renewable energy solutions is represented by the variety of lignocellulosic 

biomass from agro-industrial waste that is readily available. Lignin have received a lot of 

attention due to their abundance in biomass, because of their structural diversity and the 

potential for conversion to useful chemicals. The plant material is subsequently converted into 
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lower molecular weight organic molecules through chemical digestion or enzymatic hydrolysis. 

Lignin is currently used as a fuel for direct combustion, as well as in adhesives and binders. 

The potential for lignin to produce numerous substituted aromatic hydrocarbons is 

considerable. 

  

Figure 1-4: The potential use of lignin as a platform in bio-refineries 

 

1.1.4. Lignin biosynthesis-derived linkages  

 

Lignin is produced by a non-reversible process known as “lignification” [21]. This mechanism 

is highly controlled and is governed by environmental factors. Lignification involves two 

families of enzymes, laccases and peroxidases, which are playing an important role in 

lignification. 

These enzymes oxidize lignin monomers to form free radicals that are combined to an extending 

polymer in an endwise mechanism [22]. The random association of radicalized monolignols 

result a polymer with a structure incorporating various types of linkages that ranges from non-

condensed bonds such as β-arylether (β-O-4) to condensed bonds, phenyl coumaran, β-5, 

resinol, β-β, biphenylether, 4-O-5 (Figure 1-5) [23]. 
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Figure 1-5: Different linkages constitute lignin [24] 

 

Beginning in the primary walls close to the cellulose-depositing cells' corners, lignification 

progresses to the intercellular layers and primary walls before spreading down the middle 

lamellae. Lignification of the secondary walls takes place independently once cellulose 

deposition is complete [25]. Three steps are involved in lignin biosynthesis: biosynthesis, 

transportation, and polymerization of monolignols [26]. 

Although lignin deposition is restricted to cell walls, monolignols are biosynthesized in the cell 

protoplast [27]. Monolignols are produced in the cytoplasm and transferred via a variety of 

means across the plasma membrane to the cell wall, where lignin polymerization occurs [28]. 

 Figure 1-6 illustrates an example of the link formation during the lignification. When 

monomers are transported quickly from the cytoplasm to the cell wall, they can couple to form 

dimers or linkages developing lignin chains. An S monomer must make a β-O-4 ether bond in 

the case of slow monomer transport if it can only join a developing chain that already has a β-

β bond [24].  
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Figure 1-6: Transport of monolignols in plant cells 

 

The final stage of lignification, lignin polymerization, occurs directly in the cell wall as opposed 

to other cell wall polymers such hemicelluloses and pectin that are generated distantly and 

transported to the cell wall [27]. Plant oxidoreductases, primarily peroxidases, are involved in 

this phase [29]. In fact, there is controversy around laccases role in lignification [30, 31].  

 
 

1.1.5.  Oxidoreductases involved in lignin synthesis: Horseradish peroxidase 

(HRP) 

 

HRP has proved its potency for organic synthesis and polymerization reactions, especially by 

catalyzing the synthesis of lignin templates [32], and it is capable of oxidizing a variety of 

organic and inorganic compounds in the presence of hydrogen peroxide [33]. The oxidation of 

phenolic hydroxyl groups is the first step in the mechanism of lignin polymerization catalyzed 

by the HRP/H2O2 system. The one pair electron on the phenolic radicals move between the 

ortho, para, and branching C positions, resulting in the formation of five different types of 

phenolic radicals. These radicals are coupled to create a polymer with various linkages, such as 

5-5’, β-5, β-O-4, 4-O-5, and β-β among others [34]. 
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Figure 1-7: Mechanism of lignin polymerization catalyzed by HRP [35]  

 

1.1.6. Laccase  

 

A highly well-known group of oxidative enzymes called laccase has been researched since 1883 

[36]. In plants, they contribute to the development of the cell wall and lignin (in conjunction 

with peroxidase), but they also play a role in the depolymerization of lignin with the help of 

various oxido-reductases [37]. Certain studies has proved that laccase presence along with HRP 

is necessary for lignin polymerization [30], where it can oxidize lignin by direct oxidation 

through electron transfer or differently by the transfer of hydrogen atoms leading to its 

degradation [38].  

Additionally, laccase uses the proper substrates to catalyze the creation of polymers with certain 

structures. The coupling preferentially takes place on the phenol and on the para position when 

the phenol has two substituents in the ortho position and a free para position, producing either 

dimers or oligomers with a specific structure. Recently, different researchers reported various 

studies on the coupling of ortho methoxy para substituted phenol, 2,6-dimethoxyphenol [39], 

ferulic acid [40, 41], vanillidene derivatives [42] and vanillyl alcohol [43, 44] leads to a dimers 

catalyzed by laccase (Figure 1-8).  

 

Figure 1-8: Laccase-catalyzed oxidative coupling of vanillyl alcohol 
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1.2. Platform of molecules derived from lignin 
 

A very large organic compounds are produced by lignin. Which’s classified in different 

categories, many useful chemicals can be created from these molecules. The monomers are 

multipurpose substances with low cost, few byproducts, and excellent purity when produced 

using standard chemistry.  

 

Figure 1-9: Selected phenolic compounds commonly found in bio-oil 

 

Eugenol and isoeugenol are two examples of the guaiacols, a class of phenols often found in 

bio-oil [45]. Due to their higher concentration in bio-oil than the other phenolic compounds, 

isoeugenol and eugenol stand out from the other compounds in this group [46]. A monomer 

involved in the production of lignin is called isoeugenol [47]. Because it is present in bio-oil in 

better than 7% abundance, it is readily available and practical to utilize [46]. Cloves, nutmeg, 

and cinnamon are just a few examples of the natural herbs from which the oil component 

eugenol can be derived. It is frequently used in essential oils and flavorings [48, 49]. 

Vanilla can be used to extract natural compounds such vanillin and vanillic acid. As a culinary 

flavoring, vanillin is also utilized in cosmetics and pharmaceuticals. It has been demonstrated 

that oxidizing vanillin yields a variety of compounds, including divanillin and vanillic acid [50]. 
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Caillol and colleagues have reported the synthesis of a number of bisepoxides from vanillin 

[51]. Common industrial compounds easily made from vanillin include vanillyl alcohol, vanillic 

acid and others. These reactions commonly involve AgNO3 oxidation and NaBH4 reduction. 

The sinapic acid and its derivatives can be synthesized from syringaldehyde by the 

Knoevenagel–Doebner condensation [52, 53]. Since there are two radical species and 

consequently two potential dimers, β-O-4′ and β-β′, which can oligomerize further, it is 

challenging to synthesis β-β′ dimers of sinapic acid derivatives in good yield and purity [54]. 

Additionally, the β-β′ dimerization of sinapic acid is typically followed by an intramolecular 

rearrangement that results in the synthesis of dilactone and the loss of conjugation 

(Figure 1-10). By using sinapic acid esters, this type of dilactone can be avoided [55]. One of 

the recent method to synthesis β-β′ dimer was to employ copper as the catalyst, pyridine as the 

ligand, air as the oxidizer, and Cyrene as the solvent [54].  

 

 

Figure 1-10: β-O-4 and β–β’ dimers resulting from the oxidative dimerization of sinapic acid [54]. 

 

1.3. Synthesis of lignin models  
 

Lignin structure has always piqued people's interest [56]. However, lignin's high level of 

complexity prevents a thorough structural investigation. The substantial advancements made in 

the study of lignin structure were actually made possible by the understanding of lignin 

chemistry through the use of in vitro produced lignin models. The synthesis of lignin has been 



Literature overview 

12 

addressed [57], employing a variety of approaches, including chemical and enzymatic routes, 

ranging from simple to more complex models. 

The manufacture of lignin templates using enzymes derived from plants has been the subject of 

many investigations. The method proposed by Freudenberg is based on the idea that 

monolignols can be dehydrogenatively polymerized by peroxidases, and the resulting substance 

is known as lignin dehydrogenation polymer (DHP) [58].  

A variety of isolated enzymes that appeared to have varied affinities to lignin monomers were 

used to create various forms of DHP. The type of connections generated, the yield, and 

occasionally the average molecular weight of DHP were significantly influenced by the type 

and quantity of monomers, as well as the source of the enzymes. Additionally, the type of 

enzyme utilized affected how the β-O-4 bond formed [59]. Also DHP produced by laccase was 

discussed [60]. 

1.4. Chromatography techniques 
 

Chromatography is a necessary step in any protein purification procedure. It is commonly used 

to separate molecules based on their partitioning behavior between two phases, stationary 

(solid, liquid, or a mixture of solid and liquid) and mobile (gas or liquid), which is usually an 

aqueous buffer. Gel filtration, ion exchange, hydrophobic, affinity, and reverse phase 

chromatography are all methods for separating proteins based on their properties [61, 62]. All 

of these types are based on the idea that the initial sample is divided into several fractions, and 

the purification process is monitored by measuring the protein content in each fraction [63]. 

 

1.5. Overview of proximity dependent labeling technologies 
 

Proximity dependent biotinylation (PDB) techniques are novel methodologies complementary 

to standard biotinylation methods that have fast made their mark in researching subcellular 

proteomes and protein interaction networks in vivo since their inception in 2012. Studying 

subcellular proteomes requires the purification of the protein of interest by affinity purification, 

followed by identification using mass spectrometry. PDB techniques permit to alleviate the 

problems that accompanied protein purification, which may cause loss of protein integrity. 

What is distinguishing about these approaches is that they enable for effective analysis of 

protein interactions with cellular and organelle integrity being maintained. PDB methods 
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primarily entail using enzymes that catalyze the transformation of a substrate into a reactive 

radical capable of covalently attaching to proteins in the form of a tag [64]. Generally, the 

enzymes are coupled with bait proteins, a targeting signal peptide, or an antibody. The complex 

formed can be directed to specified cellular components, where they catalyze the covalent 

transfer of biotin or its derivatives to target proteins near the enzyme. Labelled proteins are then 

captured by avidin system conjugated to bead matrices [65], digested after elution, or directly 

digested on beads prior to their analysis by mass spectrometry [66]. In actuality, a number of 

considerations must be made in order for a protein to be labeled using these methods. The 

presence of the protein of interest in proximity to the enzyme, and the solvent accessibility of 

binding sites are two important factors [65]. Four major methods of proximity labeling do exist 

each having its unique feature, including: proximity-dependent biotin identification (BioID); 

HRP-based proximity labeling; ascorbate peroxidase - based proximity labeling (APEX) and 

pupylation-based interaction tagging (PUP-IT) [67]. 

 

 

1.5.1. HRP-based proximity labeling  

 

These techniques are based on the usage of HRP and engineered ascorbate peroxidase (APEX), 

which has tyrosine as the target amino acid for biotinylation. HRP is a versatile enzyme that 

can oxidize a wide variety of phenolic substrates including biotin-phenol. When this happens, 

short-lived biotin phenol radicals are produced, which can then interact with electron-rich 

amino acids, primarily tyrosine [68]. APEX was created as a replacement for HRP since HRP 

readily loses activity in intracellular regions due to its decreasing nature, restricting its use to 

the extracellular environment and endoplasmic membrane lumens [69]. 

 

1.5.2. Strategies for detecting biotinylated proteins 

 

Purification strategies based on the covalent labeling of proteins with biotin tags have made 

significant contributions to the advancement of proteome discoveries. Enrichment of 

biotinylated proteins with avidin or its analogues conjugated to bead matrices is a common 

procedure. The captured proteins are then eluted or digested directly on the beads before being 

identified by MS. The identification and discrimination of target proteins and contaminant 



Literature overview 

14 

proteins caused by non-specific interactions with the affinity matrix is not guaranteed using this 

workflow. 

To improve biotin complex detection, the Direct Detection of Biotin-containing Tags strategy 

(DiDBiT) was developed to detect biotinylated proteins with minimal background effects. It can 

be used for both in vivo and in vitro analyses. Proteins are first digested, and then biotin-tagged 

peptides are enriched using an avidin system by increasing the yield of the enriched biotinylated 

peptides and decreasing the complexity of the sample analyzed by the mass spectrometer, this 

technique has increased the degree of detection of biotinylated proteins by 200 folds when 

compared to conventional methods [70]. 

The second strategy developed for capturing biotinylated peptides is Biotinylation site 

identification technology (BioSITe), this technique uses a biotin-specific antibody as a capture 

reagent with lower affinity to streptavidin, allowing for better biotin dissociation. Actually, this 

strategy aids in overcoming the limitations associated with the high affinity of the biotin-avidin 

system, which has a significant impact on the elution of biotinylated proteins because they are 

highly resistant to harsh elution conditions such as salts and detergents. This technique has been 

successfully applied to proximity dependent labeling methods such as APEX and BioID, as 

well as biotin-based click chemistry strategies, where it has helped to identify candidate proteins 

with confidence (Figure 1-11) [71]. 

 

 

Figure 1-11: Biotinylation site identification strategy [71]. 
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1.6. Click chemistry  
 

In 2001, Sharpless first used the phrase "click-chemistry [72]." This reaction allows for the 

rapid, efficient, and straightforward construction of molecules. It is easy to isolate the end 

products. Azide-alkyne cycloadditions with copper as the catalyst are one of the most prevalent 

forms (CuAAC). CuAAC enables the production of 1,2,3-triazole, disubstituted compounds by 

conjugating the terminal alkyne and azide functional groups (Figure 1-12). Click chemistry has 

modified the chemistry of biomolecules, in particular the chemistry of bioorthogonal reagents. 

Small compounds or functional groups known as bioorthogonal reagents are unaffected by 

biological species. To selectively functionalize probes, they are applied. Using click chemistry, 

new biological and bioorthogonal probes can be created. Understanding biological processes 

and discovering new discoveries are two goals of these probes [73]. 

 

Cu

 

Figure 1-12: CuAAC reaction 

 

1.7. Different routes for peroxidase inactivation during the oxidation of 

phenolic substances 
 

For the substrate-mediated inactivation of peroxidases, various mechanisms have been 

proposed. These pathways include a peroxidase inhibitor that restricts substrate access by 

inhibiting the oxidation reaction's polymer [74-77]. Phenoxyl radical assault is another method 

of inactivation [78-80]. Different reactions between phenoxyl radicals and HRP are depicted, 

these include cross-linking between amino acids or between amino acid residues and the 

polypeptide chain of HRP, as well as interaction with polypeptide chain amino acid residues, 

most notably tyrosine I and coupling of a phenoxyl radical to the HRP heme moiety [80]. The 

polypeptide chain's amino acids are the final conceivable explanation. The polypeptide chain's 

amino acids may also undergo modification, such as oxidation, as a final possibility. The 

reaction conditions and the kind of substrate play a major role in which of these pathways 

peroxidase inactivates [80]. 
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1.8. Phenols probes 
 

Through a sequence of enzymatic changes, including deamination, hydroxylation, O-

methylation, and the conversion of the carboxyl group to an alcohol, monolignols are produced 

in the cytoplasm of plant cells from phenylalanine. It is unclear how these monolignols are then 

transferred to the extracellular space before polymerizing [81, 82]. Recent research suggests 

that the ABC transporters, also known as ATP binding cassette-like transport proteins, are the 

most plausible transport mechanism [83-86]. The monolignols polymerize once they have 

crossed the plasma membrane thanks to radical coupling processes that are hypothesized to be 

started by laccases and peroxidases [84, 87-89]. 

Copper-catalyzed click chemistry has been an effective method for bioorthogonal metabolic 

labeling of living cells over the past ten years. This method involves supplying the cells with a 

metabolite that has been altered by an alkynyl or azido group, which they then incorporate into 

their structure. A copper-catalyzed click reaction that covalently connects a detection probe, 

frequently a fluorophore, to the changed metabolite after incorporation allows for the detection 

of the transformed metabolite. Numerous creatures, including bacteria, animals, and plants, 

have been labeled using this procedure for nucleic acids and carbohydrates [90-96]. 

Lignin should be receptive to the integration of a click-compatible monolignol analog due to its 

chemical method of polymerization, enabling the effective detection of lignification in vitro 

and in plant tissues. 
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Figure 1-13: Chemical structures of several monolignols probes 

 

Figure 1-13 mostly described the probes that had been produced in the other papers. A terminal 

alkyne was specifically chosen as the tag of choice, because of its small size and compatibility 

with reliable click chemistry, which has been used to image glycans in plants and other creatures 

[97, 98]. 

They avoided directly modifying aryl/alkenyl carbons in order to attach a terminal alkyne 

moiety to coniferyl alcohol because doing so could change the phenol's redox potential and 

potentially have a big effect on lignification [99]. 

 

Regioselective alkylation of methyl caffeate served as the precursor for the creation of 3-O-

propargylcaffeyl alcohol (Figure 1-13/ product 1). By adding too much sodium hydride, the 

hydroxyl groups of methyl caffeate were deprotonated. The more nucleophilic phenoxide was 

produced by the less acidic 3-hydroxyl group, and it was then specifically alkylated to yield 

56% of the methyl 3-O-propargylcaffeate. Diisobutylaluminum hydride was then used to 

reduce the ester, yielding 92% of the required 3-O-propargylcaffeyl alcohol [100]. 

Pandey et al. developed and synthesized product 2 (E)-2-ethynyl-4-(3-hydroxyprop-1-enyl) 

phenol, or 3-ethynyl p-coumaryl alcohol (3-EPC), using 6 separate procedures, more than 10 

reactants, and 5 intermediates [90]. 
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Product 4 and 5 were synthesized by Ralph et al. which are coniferyl alcohol (CA) derivatives 

infused with azide (CA-Az) and alkyne (CA-Alk) reporter functions [101]. 

 

1.9. Photochemistry 
 

A photon of light and an oxidant in the form of oxygen, either from the surrounding air or pure 

O2, are required for photochemical oxidation reactions. Photochemistry focuses on how light 

affects chemical reactions. A large number of reactions are possible by photochemistry that are 

not possible through thermochemical or electrochemical pathways. Its involvement led to the 

shortening of other synthetic routes by swapping out many stages with a one-step photoreaction, 

making it popular in the disciplines of total synthesis and material science in addition to giving 

pathways for the synthesis of sophisticated complex [102]. 

 

1.9.1. Photochemical oxidation for organic synthesis  

 

Starting from the 20th century, Ciamician and Silber were credited with developing the 

principles of modern synthetic photochemistry, this group was the first to describe singlet and 

triplet states, ketone photochemistry, and intramolecular [2+2] cycloaddition [103]. Then, 

numerous compounds, including cubane [104], caryophyllene alcohol [105], and cedrene [106], 

have been reported to have been synthesized by photochemistry. 

The current worldwide movement toward greener synthetic techniques like a photochemical 

pathways which focused on the light, especially visible light obtained from a renewable 

resource. But there are different parameters to taken in consideration in a photochemical 

reaction which are the glassware, the solvent, the light source and the photoreactor. 

The glassware serves as both a container and a filter, thereby removing all of the harmful 

irradiations that an HPUV (high pressure lamp) emits. For instance, Pyrex has a cut-off of 275 

nm while Quartz is transparent starting at 170 nm [107].  

Additionally, filtering out all of the radiation that is below 275 nm is accomplished by 

sandwiching a piece of Pyrex glass between the reaction mixture and the radiation source. The 

primary UV source utilized by photochemists is the mercury-discharge lamp since it is readily 

available commercially. Inside a glass vacuum tube with electrical discharges is a mercury 
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vapor. Mercury atoms will be excited by an electric current, and once they have calmed down, 

they will release UV rays. Commercially accessible high (365 nm) HP, medium (300 nm) MP, 

and low pressure (264 nm) LP, mercury lamps offer a variety of irradiations [107]. For the most 

part, while employing MPUV and HPUV lamps that emit polychromatic radiations, 

photochemists use filters to obtain the required irradiation wavelength. 

 

 

Figure 1-14: Lamps used for photochemical syntheses 

 

 (a) Low-pressure mercury arc; (b, c) phosphor-coated lamps, emission centered at 305 and 370 

nm; (d, e) medium- and high-pressure mercury arcs, respectively (Figure 1-14) [108].  

The choice of solvent is also important. The solvent must be able to dissolve a variety of 

substrates while remaining a weak UV absorber. The solvent should not be subjected to 

quenching, hydrogen-atom abstraction, or other interactions with the excited state are additional 

considerations. Because it is affordable, effective at dissolving polar substrates, doesn't absorb 

above 200 nm, and is simple to remove on a rotary evaporator, acetonitrile has shown to be a 

highly adaptable solvent [109].  

For the reactor, the most dependable apparatus for laboratory scale organic photochemistry has 

been the immersion-well photoreactor in conjunction with mercury-vapor-discharge lamps 

(Figure 1-15). This compact batch reactor is an excellent device to carry out preparative 

photochemistry on scales of milligrams up to a few grams. The lamp is contained in a double-

jacketed water-cooled immersion well. This is then placed into a reaction flask containing the 

chromophoric substrate. This flask is usually standard Pyrex glassware. The solution is 

normally degassed to remove oxygen in order to diminish the possibility of quenching and other 

reactions, such as peroxide formation (conveniently achieved with a long needle and nitrogen 

stream) [108]. 



Literature overview 

20 

 

Figure 1-15: (a) Immersion well irradiation apparatus; (b) a refrigerated apparatus for conducting reactions at 

low temperature. 

 

1.9.2. Microreactor technology  

 

Photoreactors cannot use the numerical simulations and expertise that have been acquired for 

thermochemical reactors. This is because photons are the main actors in these reactions, 

therefore additional factors need to be taken into account to maximize the reaction's settings. 

This includes the type of light source used, how far it is from the photoreactor, how evenly the 

reactor is illuminated, the reactor's geometry, and even the material made up of the reactor.  

In addition, scaling up is challenging. This is not an issue at the industrial scale, but in a 

conventional immersion-well reactor, scaling up in the lab beyond a few grams is frequently 

exceedingly challenging. 

All these limitations can be resolved using the microreactor technology, which is one of the 

most effective technologies. In response to Ley's work [110, 111] which showed that it was 

possible to synthesize complex organic compounds using this approach, it began attracting 

interest among synthetic chemists throughout the past 15 years. Most common batch reactions 

are now thought to be easily performable in flow reactors [112]. The residence time and the 

reaction time must be distinguished when using flow microreactors. Every molecule of the 

reaction mixture remains inside the microreactor during the residence duration. It is in 

accordance with the exposure period for photochemical reactions. This parameter is affected by 

the flow rate of the reaction mixture and the volume of the microreactor (which is exposed to 

radiation) 
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Q =V/t          Equation 1 

Q (flow rate); V (reactor volume); t (residence time). 

In certain conditions, such as when employing tubing as the microreactor, the reactor's volume 

can be changed. The volume of the reactor is fixed when designed microchips are employed. 

As a result, by altering the flow rate of the reaction mixture, the change in the irradiation time 

may be determined: smaller flow rates correspond to longer residence times, and vice versa. 

On the other hand, the flow rate and the amount of the reaction mixture that must be purged 

from the microreactor determine the reaction time. Both the volume injected and the flow rate 

can be altered to affect this component. If the volume of the reactor is less than the volume of 

the reaction mixture for a particular flow rate, the reaction time will be longer than the 

irradiation time. This can be seen as a disadvantage in flow chemistry because that is the case 

when using micro-scale reactors.  

 

1.9.3. Continuous Flow system 

 

In the 20th century, there were just a few studies that used flow technology for photochemistry. 

In a spiral glass reactor, vitamin D synthesis was reportedly evaluated in 1959 by Doede & 

Walker. Coiled Teflon tubing was employed as a gas phase reactor in the 1971 synthesis of 

methyl chloride [113]. Beginning at the turn of the twenty-first century, the use of microreactor 

technology in photochemistry began to expand quickly [109]. 

The nature and implications of the reactions that will be executed in the microreactors must be 

understood since they can be pre-designed and manufactured, so that the latter may be 

optimized to the conditions of the former. The flow reactor, an injection system, and a light 

source should make up the three basic components of a photo-microreactor assembly, 

regardless of how straightforward or intricate it is. In some circumstances, this assembly can 

additionally contain mixing, online analytical, or purifying systems. 
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Figure 1-16: Set-up of a photo-microreactor 

 

1.9.4. Materials for the construction of microreactors 

 

Microreactors can be made from a wide variety of materials, but a few factors that should be 

taken into consideration when choosing the right material. 

 

1.9.4.1. Flow reactor  

 

Two different types of microflow reactors have traditionally been used up until this point. One 

was the first popular plate type reactor (Figure 1-17 a and b). A microchannel, a cover glass, a 

few pumps, etc. Plate type reactors are often sturdy because these components are integrated 

into the unique apparatus. However, there are numerous drawbacks, including high cost, limited 

versatility in terms of size, scale, and shape, and clogging. 

The other is a tubular reactor that uses tubes made of polytetrafluoroethylene (PTFE) or 

fluorinated ethylene propylene (FEP) (Figure 1-17 c). Due to its numerous advantages, such as 

their low cost, high degree of flexibility, and simplicity in replacing worn-out tubes, tubular 

reactors are currently the most popular and are employed extensively. The one drawback of 

tubular reactors—relatively weak tube robustness—is outweighed by these benefits [107].  
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Figure 1-17: Photographs of microchannels in plate-type microflow reactors; (a) KeyChem-Lumino (YMC) and 

(b) Dwell Device. (c) Photographs of the flow channel in FEP tubing equipped with an Hg lamp [114]. 

 

1.9.4.2. Injection system 

 

Injection systems that work with mechanical or non-mechanical pumps regulate the continuous 

flow. Syringe pumps, peristaltic pumps, and High Performance-Liquid Chromatography 

(HPLC) pumps are more frequently used examples. The reaction mixture must be kept inside 

syringes. Flexible tubes that contain the reaction mixture are used in peristaltic pumps. The 

mixture is forced to exit the tube as a result of the rotor's spinning compressing the tube [115]. 

In HPLC pumps, the piston drives the liquid at predetermined flow rates through the tube.  

The electrohydrodynamic pump is one type of non-mechanical pump that runs on electricity. 

This type of pump uses its own electrodes to generate an electric field that causes charged 

molecules to move more quickly and eventually form a flow [116]. 

Tubing, fittings, connectors, and sleeves are utilized to ensure the connection of the various 

components in an assembly for a continuous flow system. 

 

Figure 1-18: Mechanical pumps: (a) syringe pump; (b) peristaltic pump; (c) HPLC pump [117]. 
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1.9.4.3. Light source  

 

Conventional Hg lamps are employed with microfluidic devices. These lights should always be 

used outside of microreactors because of how much larger they are than the reactors themselves. 

Continuous flow photochemistry has recently become quite interested in light emitting diodes 

(LEDs). 

The LEDs are excellent for a variety of reactions because of their ability to produce very narrow 

emission spectra (20 nm). Compared to other kinds of light sources that are broadband emitters, 

LEDs are less prone to cause adverse effects. Most of the time, it is also possible to match the 

LEDs to the chromophore's maximal absorption wavelength, in order to increase the photon 

flux efficiency and reaction yield. They establish minimal heat energy loss and demand little 

power input, allowing a fan to cool the system. Additionally, they are inexpensive and compact 

enough to be mounted on the microreactor [118, 119]. 

 

1.9.5. Why should shotochemistry be used in flow? 

 

1.9.5.1. Photon flux 

 

The quantity of photons yielded to the reaction mixture during a process per unit of time is 

known as the photon flux. It might be applied to estimate a reaction's quantum yield. The photon 

flux can be calculated using chemical actinometry [107] (described in chapter chemical 

actinometry). 

In fact, a number of issues, such as refraction and incompatibility between the dimensions and 

geometries of the reactor and the light source, may result in a reduction in the number of photons 

conveyed given by the irradiation system to the reaction. 

Loubière and colleagues studied the photon flux received by a batch reactor and a flow reactor 

since the photon flux has a significant impact on the kinetics of reactions [113].  

The photon flux density is calculated by dividing the photon flux value by the reactor's volume. 

This indicates that the number of photons sent to the microreactor is 150 times greater than that 

delivered to the batch reactor, with the microreactor having 301 Einstein m-3 min-1 compared 



Literature overview 

25 

to 1.98 m-3 min-1 for the batch reactor. This explains why the reaction kinetics in flow reactors 

have accelerated.  

 

1.9.5.2. Efficiency of photonics 

 

A photochemical process can also be defined by its photonic efficiency. It is equivalent to the 

reaction rate ratio to the photon flux Q. 

 

This number might range in batch reactors from 0.0086 to 0.0042 [120]. According to a recent 

study by Noël and colleagues, this value can be increased by up to 0.66 when using microscale 

irradiation sources like LEDs [121].  

 

1.9.5.3. Path length 

 

Beer-Law Lambert's can be used to describe how the photochemical reaction is affected by the 

short path length. 

 

This demonstrates that for a particular chromophore and a concentration c (mol.L-1) and molar 

extinction coefficient Ꜫ (L.mol-1.cm-1), respectively, the absorption of light rises with distance 

L (cm). If the absorbance is 2, 99% of the light is absorbed by the substrate and just 1% is 

transmitted after a certain length L (I = 0.01 I0). 

To explain better the situation, we will take the sensitizer 4,4-dimethoxybenzophenone 

(DMBP) as an example, which has a molar extinction coefficient value of 135 M-1cm-1 at 365 

nm. By using the aforementioned law with c = 0.05 M, 99% of the light will be absorbed after 

just 3 mm. The route length of a typical batch reactor, which is in the region of a few 

centimeters, is far shorter than this number. In other words, no light can penetrate after just 3 

mm, therefore only a small percentage of the reaction mixture is lighted.  
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When the illumination varies within the same reaction mixture, side products result from over-

irradiation on the one hand, while productivity declines as a result of under-irradiation on the 

other. Microreactors with route lengths under 1 mm are used to solve this issue in batch reactors. 

The reaction mixture is therefore more likely to be completely lighted in continuous flow 

systems. 

 

1.9.6. Models of photochemistry reactions developed in continuous flow 

 

It was stated that a variety of processes, including photocycloaddition, isomerization, 

cyclization, photocatalysis, and polymerization, had been evaluated utilizing the microreactor 

technology. 

Using a flow-based photochemical reactor (Figure 1-19), Vasudevan described [2+2] 

intramolecular photocycloaddition reactions of numerous simple alkene-linked coumarins 

[122]. The photoreactions in the flow system were discovered to be quicker (12 times) and to 

occur in greater yields (3 times) than those carried out in the batch system. Additionally, it was 

shown that the yields of cycloadduct production were independent of the starting coumarin 

concentration in the range of 0.085 to 0.425 M. 

 

Figure 1-19: [2+2] Intramolecular photocycloaddition reactions of simple alkene- linked coumarins. 
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Rueping and coworkers reported an instance of continuous-flow photocyclization for the 

oxidative photocyclization of stilbene derivatives. A high-pressure lamp was used to irradiate 

the FEP tubing (5 mL), which was used for the reaction. After 83 minutes of radiation, 95% of 

the (E)-stilbene was converted into phenanthrene by oxidative cyclization [123]. 

Organic photocatalysis has also recently attracted a lot of attention. Recently, Noel and 

colleagues reported on the activity of eosin Y in continuous flow. They used this organic 

catalyst to oxidize thiols to disulfides aerobically in a tube (ID 760 m, 950 l) that was exposed 

to white LED light (Figure 1-20). Interestingly, complete conversion required 16 hours in batch 

irradiation while 93-99% yields were attained in just 20 minutes in flow [124, 125].  

 

 

Figure 1-20: Metal-free photocatalytic aerobic oxidation of thiols. 

 

Zeitler reported on similar photoredox reactions brought on by visible light. This work involved 

the use of a microflow reactor to perform photocatalytic reductive dehalogenation reactions on 

-halocarbonyl compounds in order to generate products in an expedited and high yield way 

[126]. 

 

Figure 1-21: Photocatalytic reductive halogenation reactions of halocarbonyl compounds. 
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1.10. Advantages and limitations of microflow reactor  
 

The beneficial aspects of microflow photochemistry have been emphasized. When compared 

to batch systems, the majority of photoreactions carried out in microflow reactors do so with 

superior efficiencies and selectivities. By adopting a different solvent, ultrasonification, or slug 

flow conditions, the development of secondary products is frequently effectively controlled, 

and the formation of intractable polymeric or crystalline materials can be prevented. 

The additional benefit of microflow photochemistry is its high repeatability and low cost for 

scaling up reactions. Scaling up in conventional batch systems, particularly to the level of 

industrial output, necessitates a significant investment in plant and equipment to build and 

install massive photoreactors. The repeatability linked to small-scale reactions is thus lost. On 

the other hand, the microflow photochemistry can be easily used to scale up processes by 

employing more reactors and/or longer irradiation periods. The benefits of reducing equipment 

costs should outweigh the drawbacks of somewhat long overall flow periods for sample 

solutions. A remarkable characteristic of the utilization of microflow reactors for photochemical 

reactions is the ability to apply optimum conditions discovered in investigations of small-scale 

reactions to large-scale processes. In actuality, a number of large-scale photoreactions carried 

out in flow reactors have been important steps in the industrial synthesis of natural chemicals. 

The microreactor technology has some limitations, much like any other developing technology. 

To avoid solid precipitation and system blockage, the reagents should be soluble. In comparison 

to batch technology, which has been used for decades, the difficulty of building such devices 

must also be considered.  

The combination of microreactor technology with photochemistry provides the perfect scenario 

for green and sustainable synthetic pathways. 

 

1.11. Phenoxy radicals: generalities and reactivity  
 

In the last 15 years, there has been a lot of research into the chemistry of hindered phenols, 

which are phenols with large ortho substituents. Since several of these phenols produce rather 

persistent free radicals, and their phenoxy radicals play a key role in the autoxidation inhibition 

of organic substances. The homolysis of the O-H bond from phenols results in the formation of 
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phenoxy radicals, which are monovalent oxygen radical species; it has been proven that the 

unpaired electron delocalizes over the aromatic ring and several side-chain substituents [127]. 

The delocalization of the electron on the ortho- and para-positions of the benzenic cycle, or 

intramolecular and intermolecular stabilizations, appears to be the cause of radical stability 

[128]. Many of the reactions are carried out by phenoxy radicals (both oxygen and carbon 

radicals) hydrogen abstraction, addition, dimerization, association, oxidation-reduction, 

disproportionation and isomerization. 

 

1.11.1. Ways to generate phenoxy radicals  

 

1.11.1.1. Classical organic chemistry  

 

The most popular techniques for producing high yields of phenoxy radicals from phenols 

involve the use of inorganic oxidizing agents capable of one-electron reduction, such as PbO2, 

Ag2O, MnO2, HgO, K3Fe(CN)6, and others. 

These reactions typically take place in a heterogeneous system (phenol in an inert solvent 

solution; oxidizing agent in suspension or aqueous phase), at room temperature, and under 

nitrogen. 

And we can take as an example the generation of guaiacoxy radical with K3Fe(CN)6, which 

produced 41% of dimers [129].  

 

 

Figure 1-22: Generation of guaiacoxy radical 
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1.11.2. Photochemistry  

 

Phenols have been oxidized to produce dimeric coupling products using a variety of enzymatic 

methods. Over the last many centuries, numerous synthetically applicable, batch-system-

supported photographic chemical reactions have been categorized as using a direct radiation or 

a photo-sensitized technique (organic oxidizing reagent). A substrate (S) absorbs either a 

reactant or a photo sensitizer (PS). One of these may undergo a variety of photochemical 

processes, electron transport, or both to produce its singlet excited state (1S*), which can 

undergo when an intersystem crosses to produce its triplet state (3S*). Based on the type of 

molecular change that occurs during a photoreaction, there are numerous classifications that 

can be used. 

The light-absorbing species can participate in a photochemical reaction serve as a 

photosensitizer that encourages but is not ingested in the procedure. Today's synthetic organic 

materials, for unknown reasons "Photoredoxcatalysts" is a name that scientists have used to 

describe what has been referred to as "photosensitizers" and utilized for years. Many chemists 

mistake "photoredox catalysts" with "photocatalyst”. Be aware that, from the viewpoints of 

"photocatalyst" and "photosensitizer," whereas "photoredox catalysts" are roughly the same as 

“photosensitizer” such as AIBN, Eosin Y, folic acid, riboflavin. But photocatalyst was initially 

used for metal-oxide-semiconductors such as TiO2. 

Eosin Y is the 2’,4’,5’,7’-tetrabromo derivative of fluorescein. The eosin Y is excited to its 

singlet excited state by exposure to visible light. Rapid intersystem crossing transforms the 

excited eosin Y into the lowest triplet state. The state of this is 24 µs life duration [130, 131] 

and suitability for photoredox catalysis make it a reasonably long-lived catalyst. Maximum 

absorption for eosin Y occurs at 539 nm with a molar extinction value of 60803 M-1 cm-1 [132]. 
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In a preliminary study, the researchers examined the photochemical oxidation of 2, 6-di-t-

butylphenol (I) using various photo-sensitizers: eosin Y, erythrosin, methylene blue, 

chlorophyllin, methyl orange, riboflavin tetraacetate, and 2, 5-di-tbutyl-p-benzoquinone, but it 

was discovered that erythrosin and eosin Y were most efficient [133]. 

And specifically, 2, 6-di-t-butylbenzoquinone and diphenoquinone are produced when 2, 6-di-

tbutylphenol is oxidized. 

 

 

Figure 1-23: Photogeneration of phenoxy radicals with Eosin Y 

 

A N,N,N',N'-tetraethylethylenediamine/CuCl mixture was recorded as a catalyst for 4-

phenoxyphenol oxidative coupling [134]. As an illustration of coupling of free phenoxy radicals 

[135], also the polymerization of 4-phenoxyphenol was reported with an equimolar amount of 

2,2'-azobisisobutyronitrile (AIBN). The major identifiable products of the AIBN catalyzed 

polymerization were four dimers, which were identified as O-4 82%, OO-1 12%, OO-2 2%, 

and OO-3 4% [136].  
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Figure 1-24: Photogeneration of phenoxy radicals with AIBN and Cupper Complex 

 

Recently, there has been a noted increase in interest in harnessing light for synthetic organic 

uses. Boguta and Dancewicz have demonstrated that radiation can facilitate the dimerization of 

Tyr through the direct absorption of light [137, 138].  

After that, Reid and Thomas optimized a straight forward, one-step photocatalyzed synthesis 

of dityrosine using pterin or folic acid as a photocatalyst. Their process was conducted in 

aqueous solutions for a brief period of time while exposed to UV-A radiation [139, 140].  

 

        

Figure 1-25: Generation of o,o’- dityrosine with Pterin or folic acid 
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It's interesting to note that the crosslinking of free Tyr and tyrosyl groups in proteins in a 

reaction photosensitized by riboflavin (Rb) has been reported to be initiated by a photocatalyzed 

oxidation reaction [3,21]. The suggested process in this instance was the reduction of the Rb 

triplet excited state by Tyr, resulting in the Rb radical anion (Rb.-) and the tyrosine radical cation 

(Tyr.+), which deprotonates to Tyr(-H).. Subsequent dimerization of two Tyr(-H.) results in the 

production of Tyr2 [141, 142].  

 

Figure 1-26: generation of dityrosine using riboflavin  
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2. CHAPTER TWO: HIGH RIBOFLAVIN SELECTIVITY 

FLOW PHOTO-OXIDATION OF PHENOLIC COMPOUNDS 

DERIVED FROM LIGNIN IN ANAEROBIC ENVIRONMENT  

 

2.1. Introduction  
 

In light of the global climate warming debate and the depletion of petroleum resources in the 

near future [5, 143], the chemicals market is exploring alternatives for biomass-based polymer 

synthesis [21, 144, 145], and more specifically for the substitution of benzene-based aromatic 

fossil compounds [146]. The Lignin is generic term for a large group of aromatic polymers 

(aromatic alcohols) found in plant cell walls and is the second most abundant polymer following 

cellulose on our planet; it is composed of three types of aromatic compounds known as 

monolignols, p-coumaryl alcohol, coniferyl alcohol and sinapyl alcohol [147, 148]. The 

complexity of the Lignin structure makes it more resistant to chemical actions, the oxidative 

degradation of lignin generates aromatic compounds, such as vanillin, syringaldehyde, p-

hydroxybenzaldehyde, vanillic acid and syringic acid. Furthermore, ferulic acid, coumaric acid 

and sinapic acid can be obtained from the corresponding benzaldehydes, i.e. vanillin, p-

hydroxybenzaldehyde, and syringaldehyde, respectively. These phenolic compounds have been 

used as bio-based building blocks, generally, connected through different C–C and C–O 

linkages specifically by radical coupling [147]. All the aforementioned phenolics can be used 

for the production of numerous polymers, e.g. epoxy resins, polyurethanes, polyesters and 

phenolic resins [29, 149-151].  

 

To decrease the imprint of humans on Earth, the demand for bio-based products with low 

ecological impact is rocketing. Some groups of research have developed a new biobased 

biphenyl platform, obtained from enzymatic coupling such as divanillin and dieugenol [152], 

the tow enzymes laccase and peroxidase are widely used for the oxidation of functional moieties 

as biocatalysts [12, 22, 23, 153-157], or for the oxidative coupling phenolic substrates [37, 158]. 

More enhancements of the processes have been applied to provide a good selectivity and yield 

in dimer formation using laccase as an enzymatic catalyst [42, 159].  
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2.2. Methods used for the dimerization of phenols  
 

 Currently, many research report numerous techniques for phenol dimerization; laccase has 

been extensively exploited as a biocatalyst for functional group oxidation or phenolic substrate 

oxidative coupling. 

On phenolic substances, laccase does in fact produce radical intermediates that can then 

undergo self-coupling reactions to produce dimers, oligomers, or polymers. Many factors, 

including the source of the laccase, the pH, the temperature, the phenol substitution, the co-

solvent, etc., affect the selectivity of the coupling and the size of the oligomers. The coupling 

processes can be made simpler by using a monophenol as a substrate. Nonetheless, if the 

phenol's ortho position does not contain a substituent, oxidative coupling can take place via a 

C-C or C-O bond. 

The coupling preferentially takes place on the phenol and on the para-position when the phenol 

has two substituents in the ortho position and a free para position, producing either dimers or 

oligomers with a specific structure. Indeed, the oxidative polymerization of 2,6-dimethylphenol 

catalyzed by laccase lead to the formation of dimer [22, 23]. 

 

 

Figure 2-1: Laccase-catalyzed synthesis of poly(2,6-dimethyl-1,4-oxyphenylene) and 3,5,3’,5’-tetramethyl-4,4’-

diphenoquinone from 2,6-dimethylphenol 

 

The oxidative coupling of ortho methoxy para substituted phenols yield dimers mainly. The 

result is typically a mixture of several dimers with traces of oligomeric structures. The most 

effective illustration of this is ferulic acid, the dilactone and the β-5 dimer represent 11% and 

38% of the mixture (Figure 2-2) [160]. 
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Figure 2-2: Ferulic acid oxidative coupling 

 

Previously, diisogeunol was prepared by adding to a solution of isoeugenol an equal weight of 

90% formic acid over a heating for an hour, the crystals formed were separated by suction 

filtering and were twice crystallized from ethyl alcohol. Yield 92%. Then when isoeugenol in 

acetone or cyclohexane is exposed to high pressure mercury lamp radiation for 24 hours 

respectively, two types of dimers are produced: dehydrodiisoeugenol and diisoeugenol. Very 

low yield [161]. 

The oxidation of isoeugenol with oxygen-laccase and iron (Ir1) chloride afford a mixture of 

products which is the β-5-coupled dehydrodi-isoeugenol is the major product of oxidation. By 

separating an arylnaphthalene derivative as one of the products, evidence for p-p coupling in 

the oxidation of isoeugenol with iron (II1) chloride was obtained [162]. Additionally, β-O-4 

coupled dehydro-dimers have been isolated from the dye-sensitized photooxidation of 

isoeugenol [163]. 

It is important to note that syringaldehyde, a p-hydroxybenzaldehyde generated from the 

oxidation of hardwood lignins [164], can also be effectively converted into sinapic acid by the 

Knoevenagel-Doebner condensation [52]. Moreover, in the case of sinapic acid, the β–β′ 

dimerization is usually followed by an intramolecular rearrangement leading to the formation 

of dilactone and the loss of conjugation (Figure 2-3). 
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Figure 2-3: β-β’ dimerization of ethyl sinapate 

 

Several synthesis pathways have been described in the literature for the synthesis of ethyl 

sinapate β–β′ dimers, the first method relied on the manganese(II) acetate, Mn(OAc)2-mediated 

oxidation in the presence of NaOH [165], the second pathway involved an electrochemical 

oxidation with tetraethylammonium hydroxide and tetramethylammonium perchlorate [166], 

while Benzene and potassium ferrocyanide were used in the third pathway [167]. 

This chapter will examine the oxidative coupling of various phenols, ranging in structure from 

simple to complex. 

 

2.3. Generality on riboflavin  
 

In the past, researchers have used poly- or monochromatic light sources to examine the 

photochemical processes brought on by photosensitizers, particularly RF. Light emitting diodes 

(LED) and light sent across optical fibers by LEDs, however, have recently attracted more 

attention and utilization. These devices have been employed in the treatment of pathological 

myopia and in photodynamic therapy (PDT) against skin and breast malignancies, as well as to 

get rid of bacterial contamination and sterilize water [168, 169]. 

The Riboflavin, is commonly known as Vitamin B2, which has in aqueous media four electronic 

excitations, one of them in the visible (blue) light range (446 nm) and the three others in the 

UV range (375, 265, 220 nm) [170-172]. Through this property, the Riboflavin is an efficient 

photo-sensitizer in a broad range of organic syntheses. Under illumination of UV and visible 

light, it can both by reduction and oxidation processes pick up and waste a pair of hydrogen 

atoms, respectively [173, 174] . It may be activated into a singlet state with a short lifetime (5 

ns) and subsequently generates an excited triplet state, which is characterized by a longer 

lifetime (10.2 ns) and a high level of reactivity through inter-system transitions [175].  
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2.4. Mechanism of riboflavin  
 

The UV-visible absorption spectra of riboflavin (RF) in aqueous solutions reveals two bands, 

one at 375 nm (UVA) and the other at 446 nm (visible area), both with large molar extinction 

values (> 104 M-1 cm-1) [176]. These bands are frequently used to activate type 1 or type 2 

mechanisms for RF-based photosensitization. 

For the type 1 mechanism, the excited triplet state of RF (3RF1) and the substrate undergo 

hydrogen- or electron-transfer processes, resulting in the creation of two ionic (charged) free 

radicals on RF and the target molecule(s). In contrast to the free radical generated on the 

substrate, which has been demonstrated to either undergo further oxidation pathways mediated 

by O2 or dimerize to yield crosslinked products through the formation of covalent bonds. 

Singlet oxygen, or molecular oxygen in its initial excited state, or 1O2, is created in the type 2 

reaction by the transfer of energy from 3RF1 to O2 [177]. 1O2 can then react with a variety of 

biological substrates, such as proteins, unsaturated lipids, cholesterol, and nucleic acids. It is 

known that a number of variables, including the availability and concentration of O2, have a 

significant role in determining the likelihood of these two mechanisms (type 1 or type 2) on 

exposure of RF to UV or visible light [178]. 

Ferhunde Sahbaz and Giiler Somer [179] investigated photodecomposition of ascorbic acid in 

the presence of riboflavin under anaerobic and aerobic conditions. And for the first time they 

determined the formation of Hydrogen peroxide in both aerobic and anaerobic conditions.  

 

Figure 2-4 Proposed mechanism of riboflavin under aerobic conditions H2A stands for ascorbic acid, HA for the 

monodehydroascorbic acid and A for dehydroascorbic acid 
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The reaction mechanism under aerobic conditions can be given as the following: 

 

Figure 2-5 Proposed mechanism of riboflavin under anaerobic conditions 

 

Also Strauss and Nickerson [180] proposed that photoexcited riboflavin (Rb) can split water 

and extract the equivalent of two hydrogen atoms to form dihydroriboflavin (RbH2) and 

hydrogen peroxide. This transfer, they believe, is aided by the presence of an activator (M) 

methionine or EDTA, which decreases the energy necessary to break the O-H bond. 

The water splitting mechanism has been argued against by Holmstrom and Oster [181]. They 

suggest that the reaction is energetically unfavorable and that the data can be explained by a 

mechanism involving hydrogen transfer from the ribityl side chain of riboflavin. 

In one of the first mechanistic studies on anaerobic photobleaching of riboflavin, Karrer and 

Meerwein [182] proposed that a primary or secondary alcoholic group at the 2'-position of the 

side chain coupled to the 9-nitrogen of the isoalloxazine nucleus was most suitable for 

photoreaction. They discovered that riboflavin is reversibly reduced during anaerobic 

photolysis, yielding RbH2, and that riboflavin is regenerated without loss during oxidation with 

air. William M. Moore and his colleagues [183] corroborated this result. 
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Figure 2-6 Anaerobic photooxidation of riboflavin  

 

And recently Silva and colleagues studied the mechanism type 1 photo-oxidation of Tryptophan 

(Trp) and riboflavin (RF) which were used in high concentrations, together with a high intensity 

365 nm light emitting diode (LED) source, under N2, 20%, and 100% O2 atmospheres. 

Dimerization of Trp was a significant pathway under the N2 atmosphere. This was likely due 

to several back electron transfer reactions between RF•- and Trp(H)•+. The amount of this 

reverse electron transfer reaction and the amount of Trp dimerization were both reduced by the 

presence of O2. This difference is related to the fast reaction between Trp• and O2
•-, which is 

produced by electron transfer from RF•- to O2 [184]. 

 

Figure 2-7: The mechanism of photo-oxidation of riboflavin and tryptophan 
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2.5. Flow chemistry  
 

Continuous-flow photochemistry in micro-reactors is an increasingly interesting approach to 

researchers in academia and industry applied for organic synthesis compared to batch 

photochemistry as this technology provides reduced reaction times, higher selectivity, 

reproducibility, safely use hazardous intermediates and gaseous reactants in respect to “the 

principles of green chemistry” [109, 185-187]. In addition, other benefits, such as a shorter 

reaction time, high pressurized reaction, improved mass and heat transfer, made the procedures 

more reproducible and scalable [107] (Figure 2-8). Several investigators have reported the 

formation of phenoxy radicals in the presence of a photo-sensitizer under an UV-light or a 

visible light [188-190] .  

 

 

Figure 2-8: Advantages of continuous flow micro-reactor 

 

 

2.6. Objective  
 

Thus, in our work, we built a “green”, simple and inexpensive micro-reactor continuous-flow 

system to dimerize several phenolic compounds coupled by C-C, C-O, C-O-4 or - bond; 

potentially derived from lignin by oxidative coupling in large quantity, high yield and high 

purity and constitute interesting building blocks for the synthesis of semi-aromatic and aromatic 

polymers using riboflavin as “photosensitizer’ under UV-light. The highlight in this study is 

that the dimerization of lignin phenolic derivatives by photo oxidation through a flow system 

is carried out in an anaerobic environment in contrast to the other metallic or enzymatic catalytic 

processes [191, 192]. 
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2.7. Experimental part  
 

2.7.1. Chemicals 

 

Lignin phenolic derivatives and others unsaturated phenolic compounds used in this work are 

given in the (Figure 2-9) (vanillyl alcohol (1), vanillin (2), eugenol(3),isogeunol(4) sinapic acid 

(5), methyl ester of sinapic acid (6) caffeic acid (7), 4-hydroxy-3-methoxy cinamic acid (8) 

coniferyl alcohol(9) and 4-hydroxybenzyl alcohol (10)) as well as methanol and the matrix 

dihydroxybenzoic acid (DHB) for MALDI-TOF mass spectrometry analysis have been 

purchased from Sigma-Aldrich®, except the vanillin (II) from Alfa Aesar. All phenols used had 

a purity of ca. 98-99% and were all used as received. The ester derivative of Sinapic acid (6) 

has been synthesized. The Riboflavin was purchased from TCI (Tokyo Chemical Industry, 

Tokyo, Japan). 

The deuterium solvents used for 1H NMR analysis DMSO-d6 (deteurated dimethylsulfoxide) 

and CDCl3 (deteurated chloroform) from Eurisotop. The solvent used for silica gel separation: 

dichloromethane (DCM), ethyl acetate, petroleum ether, chloroform are of technical grade. 

 

Figure 2-9: Lignin phenolic derivatives and unsaturated phenolic compounds used in this work 

 

 

1- vanillyl alcohol: R1 = H, R2 = OCH3, R3 = CH2OH, 

2- vanillin: R1 =H, R2 = OCH3, R3 = COH, 

3- eugenol: R1 = H, R2 = OCH3, R3 = -CH2-CHCH2, 

4-isogeunol: R1 = H, R2 = OCH3, R3 = -CHCH-CH3, 

5- sinapic acid: R1 R2= OCH3, R3 = –CHCH–COOH 

6- Methyl Ester of sinapic acid: R1 R2 = OCH3, R3= –CHCH–COOCH3, 

7- caffeic acid: R1 = H, R2 = OH, R3 = –CHCH–COOH, 

8- 4-hydroxy-3-methoxy cinamic acid: R1= H, R2= OCH3, R3 = –CHCH–COOH, 

9- coniferyl alcohol: R1= H, R2= OCH3, R3 = –CHCH–CH2OH, 

10- 4-hydroxybenzyl alcohol: R1 = H, R2 = H, R4 = CH2OH, 
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2.7.2. Microfluidic system  

 

 

Figure 2-10: Continuous recycle microflow reactor 

 

The continuous recycle microflow reactor was made from fluorinated ethylene propylene 

(PTFE) tubing (i.d=0.8 mm, length 12 m, Cluzeau Info Labo (C.I.L.), Sainte-Foy-La-Grande, 

France) powered by a Corning KP-22 pump as shown in (Figure 2-10). The tube outlet was 

plugged in small vial (12 mL volume of solution). The volume of the tubular reactor was 

estimated to be 6 mL that are exposed to the UV-light at wavelength of 395 nm; the flow rate 

was 0.1 mL/min. The solution of phenols and photosensitizer in methanol was prepared using 

Schlenk technique under nitrogen. The mixture was transferred into the 12 mL vial under 

nitrogen atmosphere and pumped by the injection system to recycle through the reactor for 1 h. 

All reactions were carried out following the same equivalents and procedure. 

 

2.7.3. Riboflavin purification  

 

Riboflavin was purified on C18 column equilibrated with ACN. The column was washed 

several times with acidified water (0.1% FA), before loading the sample. Riboflavin (20 mg) 

was loaded on the column, washed several times with acidified water and eluted using different 

gradient including water:ACN (90:10), (80:20), (70:30), (60:40), (50:50), ACN, ACN:MeOH 

(50:50), followed by 100% MeOH. 
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2.7.4. Analysis of riboflavin consumption by FT-ICR  

 

A solution of purified riboflavin (5 mg in 12 mL methanol) was irradiated under UV light 365 

nm for different times 30 min, 1,2,4,8 and 24 h. at each time 1 ml was taken and keep it in the 

fridge for the final analysis. Samples were analyzed by mass spectrometry analysis.  

 

2.7.5. MALDI FT-ICR (Matrix assisted laser desorption ionization-Fourier 

transform ion cyclotron resonance mass spectrometry)  

 

A Solari XR FTICR device comprised of a dynamically harmonized cell (BRUKER Daltonics, 

Bremen, Germany) and a 9.4 T actively shielded superconducting magnet underwent MALDI-

FT-ICR analysis. The equipment has an electrospray source and a Smartbeam II, Bruker 

Nd:YAG3 laser at 355 nm, source for laser desorption ionization. Positive ion MALDI-FT-ICR 

spectra were obtained with the mass range set at m/z 200-1000 Da. A fixed 15% laser power 

was used. ACN/water/TFA (70:30:0.1) were used to reconstitute the α-cyano-4-

hydroxycinnamic acid (HCCA) matrix, at a concentration of 10 mg/mL. ACN:water (8:2), were 

used to dissolve the samples. 1µL of the mixture of samples and matrix was spotted on the 

target plate in a 50:50 ratio. 

 

2.7.6. Matrix-assisted laser desorption Time of Flight (MALDI-TOF) mass 

spectrometry 

 

The MALDI TOF/TOF ABI 4800 ABsciex analyser is the mass spectrometer used for MALDI-

TOF analysis. The 4000 Series Explorer program is used to acquire the spectrum, and Date 

Explorer Software is used to analyze it. The nitrogen YAG laser used for MALDI has a 355nm 

wavelength and a power setting of 5000. Reflectron TOF detection and positive ionization mode 

are used in MALDI-TOF mass spectrometry. With an Applied Biosystems Voyager-DETM 

STR mass spectrometer, matrix-assisted laser desorption time of flight (MALDI-TOF) mass 

spectra were captured at a voltage of 20 kV. ACN/water/FA (70:30:0.1) and ACN/water/TFA 

(70:30:0.1) were used to reconstitute the DHB and α-cyano-4-hydroxycinnamic acid (HCCA) 

matrices, respectively, at a concentration of 10 mg/mL. ACN:water, DMSO, or methanol were 

used to dissolve the samples. 1µL of the mixture of samples and matrix was spotted on the 
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target plate in a 50:50 ratio. Data Explorer Software was used to evaluate the spectra after they 

had been collected using 4000 Series Explorer program in positive ionization mode. 

 

2.7.7. NMR measurements 

 

Proton and carbon magnetic resonance spectra (1H NMR and 13C NMR) were recorded on a 

Bruker AVANCE 300 spectrometer (1H 300 MHz and 13C 75 MHz) using tetramethylsilane 

(TMS) as the internal standard. Chemical shifts, δ, are given in ppm and coupling constants in 

Hz. 1H NMR data are reported as follows: chemical shift, multiplicity (s = singlet, d =doublet, 

t = triplet, tt = triplet of triplets, td = triplet of doublets, dd= doublet of doublets, m = multiplet), 

coupling constants and integration. Deuterated solvents: chloroform, CDCl3; acetone, 

CD3COCD3; and DMSO, CD3SOCD3 were used. The peak of deuterated chloroforms, acetone 

and DMSO resonates at 7.24 ppm, 2.05 ppm, 2.50 ppm respectively.  

 

2.7.8. Column Chromatography 

 

The purification of each product after each reaction was performed using column 

chromatography in silica gel (60-120 mesh) glass column. About 108 mg of crude product were 

solubilized in 2 ml of solvent, and loaded on to the column of 46×2 cm and eluted with the 

following linear gradient of solvents: 100% chloroform then 50/50 chloroform/ethyl acetate 

then 80/20 ethyl acetate/methanol for the products from the starting materials I, III, VIII and 

IX. 100% DCM up to 80/20 DCM/ethyl acetate then 80/20 ethyl acetate/ methanol. For the 

products from the starting materials IV, VI, and VII. For caffeic acid, we started with ethyl 

acetate then 80/20 ethyl acetate /methanol-chloroform followed by chloroform: methanol with 

increasing polarity. All the collected fractions were subjected to Thin Layer Chromatography 

(TLC) aluminum backed silica gel using 60 F254 plates (Sigma, South Africa). The Conditions 

of TLC were the same as those for fractions after silica gel column chromatography. Plates 

were viewed under UV light at 254 nm. And similar fractions with the Rf values were pooled 

and the organic solvent was removed by rotary evaporator. The solvents were used as mobile 

phases: dichloromethane (DCM), ethyl acetate, chloroform and methanol.  
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2.7.9. General dimerization procedure of lignin phenolic derivatives 

 

12 mL of methanol solution of 108 mg of lignin phenolic derivative mixed with 2.5 mg of 

riboflavin under nitrogen atmosphere was stirred at room temperature for 15 min. The mixture 

then transferred to the reaction channel inlet which connected through a programmable syringe 

pump to the photoreactor module in which was enclosed on the sides with reflective aluminum 

foil sheets and at the front with a UV shield to contain the UV light during 24 irradiation time. 

Upon the continuous photooxidation reaction of phenolic derivatives has been achieved, the 

methanol was removed from the crude product by rotatory evaporator. Each raw reaction 

product is purified through a chromatography column as described in paragraph 2.7.8. 

 

2.7.10. Synthesis of the methyl ester of sinapic acid 

 

Sinapic acid (500 mg, 2.23 mmol) was dissolved in methanol (30 mL) containing 1 mL of 

sulfuric acid, and then the solution was heated at reflux for about 1 h. After cooling at room 

temperature, the solution was diluted with ethyl acetate (150 mL) and washed with an aqueous 

solution of NaHCO3 (5% w/v) until neutral pH. The organic layer was then washed with 

distilled water and dried over anhydrous Na2SO4, and the solvent was removed under vacuum. 

The residues were constituted by the pure methyl ester. (Yield 90%)  

 

2.8. Results and discussion  
 

2.8.1. Oxidation of phenols mediated by RF photoreactions 

 

Ten different lignin model compounds were used to study the flow photooxidation reactions of 

riboflavin with lignin: vanillyl alcohol (1), vanillin (2), eugenol (3), isogeunol(4) sinapic acid 

(5) and its methyl ester (6), caffeic acid (7), 4-hydroxy-3-methoxy cinamic acid (8), coniferyl 

alcohol (9) and 4-hydroxybenzyl alcohol (10) Dimerization products from all phenolic 

derivatives are presented in Table 2-1 with their coupling position and their yield. Firstly, we 

will describe the photo-oxidation of the vanillyl alcohol (1) in order to optimize the conditions 

of reactions. Subsequently, we have transposed this study to the other lignin phenolic 

derivatives from (2) to (10). 
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Table 2-1: Types of couplings and yields of phenolic derivatives-dimerization products formed by continuous 

photooxidation  

name structure product(s) 
coupling 

position 
Yields % 

vanillyl alcohol (1) 

 

 

 

 

 
 

 

 

 

C-C 

 

 

82 

vanillyl alcohol 

(1)+ vanillin (2) 

 

 

 

 

 

 

 

 
 

 

 

 

 

 

C-C 

 

 

 

 

 

 

 

 

C-O-4 

 

 

4-hydroxybenzyl 

alcohol (3) 

 

 

 

 

 

 

 

 

 

 

 

 

 

C-C 
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eugenol (4) 

 

 

 

 

  
 

 

 

 

C-C 
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isogeunol (5) 
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70 
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sinapic acid (6) 

 
 

 

 

- 

 

 

 

90 

methyl ester of 

sinapic acid (7) 

 

 

 

 
 

 

 
 

 

 

 

- 
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caffeic acid (8) 
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4-hydroxy-3-

methoxy cinnamic 

acid (9) 
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74 

coniferyl alcohol 

(10) 
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2.8.2. Proposed mechanism of riboflavin under anaerobic conditions 

 

 

The exposure of riboflavin 1Rib to blue light or UV-A light results in spin-allowed transitions 

to highly fluorescent short-lived intermediated singlet-excited states 1Rib* (around 5 ns at 

ambient temperature) equation 1. Intersystem crossing with a high quantum yield Q = 0.67, 

generates the triplet-excited state of the flavin 3Rib* very efficiently and has a relatively long-

lived (approximately 15 µs at ambient temperature) equation 2 and as a bi-radical a very 

powerful oxidant with Eo = +1.7 V compared to ground state riboflavin (Eo= -0.3 V) leading to 

direct oxidation of most types of biomolecules by 3Rib* [170-172]. 

 

 

 

Phenol• + is produced as a result of the electron transfer from phenol to 3RF1 in Reaction (3), 

and it will quickly deprotonate (pKa 4.3) [193] to produce neutral phenol (phenol•), as well as 

anionic RF•-, which will quickly protonate to produce RFH• (pKa 8.3) in Reaction (5) [194]. 

When O2 is not present, the main pathway for the production of such dimers is electron transfer 

from phenol to 3RF1. As a result of electron delocalization around the indole ring of phenol• and 

the creation of new stereo-centers, several isomeric C-C and C-O cross-linked species are 

produced, giving rise to the many peaks recorded from phenol•. 
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Figure 2-11: Proposed mechanism for dimer and trimer formation from phenol induced by RF photoreactions 

 

In contrary the presence of O2, lower steady state levels of phenol• are probably present because 

of a less effective formation (caused by energy transfer from 3RF1 to O2) and different removal 

pathways for phenol• (see above). As the rate of phenol dimerization depends on the phenol• 

concentration, under relatively low phenol• concentrations, reaction with O2 clearly becomes 

competitive. 

 

 

2.8.3. Analysis of purified riboflavin consumption by FT-ICR  

 

It was crucial to ascertain the mechanism of riboflavin before moving on to the photo-oxidation 

process, so an FT-ICR study was conducted to ascertain the amount of riboflavin consumed 

during irradiation. When we first evaluate commercial riboflavin without purification; it is 

surprising that there are extra peaks other than the typical peak of riboflavin m/z 377.14559 

(Figure 2-12), this indicates that these peaks correspond to contaminants. For this purpose, we 

chose to purify commercial riboflavin using a C18 column. Various gradients were utilized, 

starting with a 90:10 water:ACN mixture and decreasing to 50:50 water:ACN; The pure product 

was released in the 70:30 water:ACN fraction. 
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Figure 2-12: MALDI-FT-ICR of non-purified riboflavin 

 

At time 0, there are two characteristic peaks with m/z 377.14557 and 378.15336 (Figure 2-13), 

which correspond to the initial form and hydrogenated form RFH, respectively, of Riboflavin. 

After an hour of irradiation, new peaks corresponding to RF-derived products appeared, such 

as m/z 376.1378, which corresponds to the dehydrogenated form. 

And over the next 24 hours, we noticed that all of the peaks formed during the irradiation had 

disappeared from the spectrum and were replaced by the peak m/z 379.0925 that corresponds 

to the doubly charged form. We also noticed the presence of a new peak with the MS 394.1483, 

which corresponds to the oxidized form of riboflavin (gain one oxygen). 
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Figure 2-13: Purified riboflavin's FT-ICR spectra after exposure to UV light at various times 

 

2.8.4. Flow photo-oxidation of vanillyl alcohol  

 

As a consequence of the complexity of the chemical structure of lignin, the reactions are most 

often performed through model compounds. All investigations carried out so far, whether in the 

case of enzymatic catalysis or by photoxidation with riboflavin converge on the same 

mechanism. The enzyme catalyzes the oxidation of phenol to a phenoxy radical which can then 

combine to form dimeric or polymeric products. Thus, the radical PhO• recombination occurs 

in two stages: at the first stage, which is reversible, keto dimer is formed; at the second stage, 

dienone–phenol rearrangement of the keto dimer with the formation of a dimeric phenol 

compound. The general mechanism for the recombination of lignin phenolic substrates in both 

cases is given in (Figure 2-14) [192, 195]. 
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Figure 2-14: The general mechanism for the recombination of lignin phenolic substrates. 

 

From previous studies [43, 196, 197] carried out on vanillyl alcohol (1) by enzymatic oxidation, 

it is assumed that there are three different products that are initially formed from the two 

phenoxy radicals of vanillyl alcohol (1): the 5-5' dimer (1a), the 5-O-4' dimer (1b), and vanillin 

(1c) as shown in (Figure 2-15) The presumed reaction pathways for the formation of each 

product are explored by Spilä et al [44]. It is commonly mentioned that the coupling of two 

phenoxy radicals leads to the formation of a quinone, which is rearomitized as the final product 

as shown in (Figure 2-14).  

 

Figure 2-15: The products that were previously reported in the laccase-catalyzed oxidation of vanillic alcohol 

[43, 196, 197]. 
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In contrast to the previous studies, in our work only the 5-5’ dimer coupling has been obtained 

at higher yield around 80 % by flow photo-oxidation of vanillyl alcohol (1) using riboflavin as 

photosensitizer. In our knowledge the high riboflavin selectivity toward the dimer 5-5’ coupling 

have been observed for the first time and no side product have been detected with this flow 

process. It seems in this work that riboflavin catalyzes the photo-oxidation in anaerobic medium 

in a fluidic system giving rise exclusively to the dimer (1b) by excluding the formation of the 

dimer (1c) and the vanillin (1d) in contrast to the enzymatic laccase catalyst in the presence of 

oxygen [197]. The 1H NMR (Figure 2-16) compared to the starting material (1) confirms the 

formation of such a dimer by the appearance of two doublets at 6.73 and 6.93 ppm respectively, 

corresponding respectively for H1,1’ H2,2’. The high symmetry of doublets in aromatic zone 

indicates exclusive formation of the dimer (1b), the 13C NMR (Figure 2-17) and HSQC NMR 

(Figure 2-18) of such dimer (1b) have been also performed and are in perfect agreement with 

its 1H NMR spectrum (Figure 2-16).  

 

13C NMR spectra of divanillyl alcohol (DMSO): δ ppm 57.5; 56 (s, CH2), 63; 74.6(s, CH3), 

110;111;121;124.5 (s, CH), 125;125.3;127.5;137.5;140;141;148;148.2 (s, C). 
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Figure 2-16: 1H NMR of vanillyl alcohol (a) and divanilyl alcohol (b) 

 

 

Figure 2-17: 13C NMR spectra of divanillyl alcohol 
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Figure 2-18: HSQC NMR for divanillyl alcohol 

 

The MALDI-TOF mass spectrum revealed peaks correspondent to the C–C coupled divanillyl 

alcohol carrying Na+ or K+ that appeared at m/z = 329.0423, and 345.00 respectively 

(Figure 2-19). 

 

 

Figure 2-19: MALDI-TOF spectrum of C-C coupled divanillyl alcohol 
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2.8.5. Reaction conditions studied on vanillyl alcohol 

 

In this work, we explored the influence of different parameters (pH, flow rate and time duration) 

Thus, some experiments were carried out by varying the pH; at alkaline pH around 9 with 

addition of triethyamine or aqueous NaOH solution to the reaction mixture, no reaction took 

place; in acid medium at pH 4 by adding the acetic acid, only 45% yield was obtained, however, 

the 80% yield was achieved only at neutral pH. The effects of the flow rate on the yield of 

conversion were performed. The flow rate is an important factor which indicates for how long 

the reaction mixture is exposed to the UV light. These experiments concluded that the highest 

rate of conversion with a flow rate of 0.1 mL/min. The reaction time duration was also 

investigated in this work by programming reaction time intervals of 20 minutes, 1 hour, 2, 4, 

12 and 24 hours. This study showed that the yield of the flow photo oxidation reaction of 

vanillyl alcohol in the presence of riboflavin increases as the reaction time duration also 

increases, however, beyond 24 hours, the formation of a precipitate may cause problems at the 

pump.  

 

2.8.6. Substrate screening 

 

The previously described photo-dimerization using Riboflavin as photo-catalyst was extended 

to several substrates of lignin phenolic compounds for the selective formation of dimers by a 

flow photo-oxidation process. The dimerization of ortho-methoxy phenolics with different 

para-substituents, with the exception of phenolic derivatives (3) and (7), was explored. 

The reaction mixture of vanillin (2) and vanillyl alcohol (1) in methanol afforded exclusively 

mixtures of dehydro-dimers which were separated by silica gel chromatography using 

chloroform, ethyl acetate and methanol. This reaction afforded two types of dimers, one by  

5-5' (C-C) coupling product, and the other by C-O-4 coupling (Table 2-1). 

according to Kyosti V. Sarkanen and Adrian F. A. Wallis the reaction of both (E)- and (Z)-

isoeugenol with 1 equiv. of hydrogen peroxide in aqueous acetone containing peroxidase 

afforded exclusively mixtures of dehydro-dimers which were separated by silica gel 

chromatography [161, 163].  

However, in our work, the photo-dimerization of eugenol (3) and isoeugenol (4) occurred 

without any side product and with high yield around 74%. The 1H NMR confirms the formation 
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of dieugenol coupled by β-β linkage (Figure 2-20 b), its show the appearance of two doublets 

of the aromatic protons with integration 2 in the range of 6.5 to 7 ppm in benefit of a set of 

several signals in the same chemical shift zone with a 3 proton integration (Figure 2-20 a). In 

addition, the MALDI-TOF mass spectrum of dieugenol revealed peaks correspondent to the C–

C coupled carrying H+, Na+ or K+ that appeared at m/z = 326.1708, 349.1515 and 365.1118 

respectively (Figure 2-21). 

 

 

(a) Eugenol: MW =164 g/mol. 1H NMR (400 MHz, CDCl3, (ppm)): 6.86 (d, 1H Ar), 6.82 

(dd, 1HAr), 5.93(q, 2H CH-CH2), 5.07 (d, 2H cis CH-CH2), 5.01 (d, 2H trans CH-CH2), 

3.77 (s, OCH3), 3.27(d, 2H CH2). 

 

(b) Dieugenol: MW = 326 g/mol. 1H NMR (400 MHz, CDCl3, (ppm)): 6.73 (d, 2H Ar), 

6.75 (d, 2HAr), 6.01 (q, 2H CH-CH2), 5.13 (d, 2H cis CH-CH2), 5.08 (d, 2H trans CH-

CH2), 3.79 (s, OCH3), 3.37(d, 2H CH2).  

 

 

Figure 2-20: 1H NMR of (a) eugenol and (b)dieugenol 
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Figure 2-21: MALDI-TOF of dieugenol 

 

But in the other hand the 1H NMR of diisogeunol showed the formation of β-5 linkage because 

of the absence of the peak corresponding to the β position and the MALDI-TOF spectrum 

confirmed the diisogeunol formation, it shows a revealed peaks correspondent to the β-5 

coupled carrying Na+ or K+ that appeared at m/z = 349.1499 and 365.1221 respectively.  

The lack of higher molecular weight products suggests that the isoeugenol monomer is being 

oxidized more quickly than its reaction products, which accounts for the lack of oligomers or 

side products.  

 

 

Disogeunol: MW = 326 g/mol. 1H NMR (400 MHz, CDCl3, (ppm)): 6.93 (d, 1HAr), 

6.88 (dd, 1H Ar), 6.84 (d, 1HAr), 6.38 (d, 1HAr), 6.34 (d, 1HAr), 6.14 (q, 1H CH-

CH2), 6.07 (q, 1H CH-CH2), 5.74 (m, 1H CH-CH3), 5.08 (d, 2H CH2), 3.92 (s, 

OCH3), 1.90 (dd,CH3), 1.95 (dd,CH3).  
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Figure 2-22: 1H NMR of diisogeunol 

 

 

Figure 2-23: MALDI-TOF of di-isoeugenol 

 

In those substrates with a para substituent with a double bond conjugated to the aromatic ring, 

the lignin model compounds (6) to (9). 

The methyl ester of sinapic acid (6) was effectively synthesized from its acid (5), with a high 

yield of 90%. The NMR spectra displays a new peak about 3.7 ppm, which corresponds to the 

new methoxy group (Figure 2-24).  
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Figure 2-24: 1H NMR spectra of methyl ester of sinapic acid (6) 

 

The radical produced by riboflavin flow photo-oxidation under UV light is delocalized over the 

extended π -system. This conjugation contributes to the formation of further coupling products. 

As the mechanism shows in (Figure 2-25). The photo-oxidation of the hydroxyl group in phenol 

acid's para position produces a radical. The lone electron on the subsequent radical can occupy 

different positions through resonance stabilization. C–C linkage of two phenoxy radicals with 

unpaired electrons at β positions results in the formation of the β-β coupling dimer 

(Figure 2-26). 

 

Figure 2-25: mechanism of the mesomeric forms I–V of the phenoxy radical 
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Figure 2-26: Possible combination of phenoxy radicals of 4-hydroxypropanoids. The resulting primary bond is 

shown in the purple color. 

 

However, because there are two radical species and consequently two potential dimers -β-O-4′ 

and β-β’that can oligomerize further, it is challenging to synthesis β-β′ resinol dimers of sinapic 

acid derivatives in good yield and purity through radical-radical coupling. As an example of 

highly selectively β-β coupling, the 1H NMR spectrum of the riboflavin photo-oxidation 

product of sinapic acid (6) in the photo flow chemistry obtained in a very good yield of about 

90%, shows by comparing with the starting material 1H NMR spectrum, the disappearing 

signals of the ethylene protons at δ = 6.44 and 7.47 ppm respectively in benefit of a new signal 

around δ = 4.7 ppm which corresponds to a proton from a sp3 hybridized carbon (β-β’ resinol) 

and around δ = 5.7 ppm corresponds to the tow protons who are next to the β-β’ linkage 

(Figure 2-27). 

(a)sinapic acid 1H NMR (CDCl3): δ 3.80 (s, 3H), 6.44 (d, 1H), 6.99 (s, 

2H), 7.47 (d, 1H), 8.91 (s, COOH). 

(b)Dimer of sinapic acid 1H NMR (CDCl3): δ 3.78 (s, 3H), 6.70 (s, 4H), 

8.91 (s, COOH). 
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Figure 2-27: 1H NMR spectra of sinapic acid (5) and of sinapic acid β-β coupling dimer 

 

We chose to purify the commercial riboflavin before rerunning all the photo-oxidation studies 

with it because the preliminary NMR spectra of the sinapic acid dimer revealed some 

contaminants.  The (Figure 2-28) shows the purer dimer. 

 

 

Figure 2-28: 1H NMR spectra of sinapic acid (5) and of purified sinapic acid β-β coupling dimer 
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We validated the structure of the dimer created using Allais F. and his colleagues' research [54] 

who focus on the dimerization of sinapate esters in the environmentally friendly solvent Cyrene 

toward sustainable antioxidant and anti-UV components. When our NMR spectra were 

compared to those of the dimers created by these groups, it was discovered that none of their 

dimers underwent cyclization or lactonization after stopping at the dimerization step. 

We then performed a MALDI-TOF analysis in order to further establish the structure of our 

dimers, and as can be seen in the (Figure 2-29) there is two MS m/z 469.0353 and 485.0024, 

these values match, respectively, to the dimer of sinapic acid with Na+ and K+ and have the 

formula C22H22O10. 

 

 

Figure 2-29: MALDI-TOF of β–β’ dimer resulting from the oxidative dimerization of sinapic acid (5) 

 

The coupling of such two radicals results in β-β creation of a novel bond bridging the two 

monomers. In this context, a sustainable and highly selective biomimetic β–β′ dimerization of 

phenol acid has been successfully synthetized for the four lignin phenolic derivatives (6), (7) 

and (8). 
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Figure 2-30: 1H NMR of methyl ester dimer of sinapic acid 

 

Methyl ester of sinapic acid 1H NMR (CDCl3): δ 3.80 (s, 3H), 3.92 (s, 3H), 6.28 (d, 1H), 6.77 

(s, 2H), 5.77 (s, 1H), 7.58 (d, 1H). 

 

 

Figure 2-31: MALDI-TOF spectrum of the dimer of methyl ester of sinapic acid (6) 

 

 

 

(a) caffeic acid: MW = 180 g/mol. 1H NMR (400 MHz, DMSO, 

(ppm)): 7.01 (d, 1H Ar), 6.98 (dd, 1HAr), 6.54 (d, 1H Ar), 6.21 (d, 

1H CH=CH), 7.45 (d, 1H CH=CH). 

 

(b) caffeic acid coupled by β-β bond: MW = 394 g/mol. 1H NMR 

(400 MHz, DMSO, (ppm)): 6.75 (d, 1H Ar), 6.65 (dd, 1HAr), 6.84 

(d, 1H Ar), 4.02 (dd, 2H CH2), 5.53 (s, OH), 9.03 (s, COOH) 
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Figure 2-32: 1H NMR spectra of caffeic acid (7) 

 

Figure 2-33: MALDI-TOF spectrum of caffeic acid (7) 

 

(a) 4-hydroxy-3-methoxycinamic acid: MW = 194 g/mol. 1H NMR 

(400 MHz, DMSO, (ppm)): 7.01 (dd, 1H Ar), 7.25 (d, 1HAr), 6.74 (d, 

1H Ar), 6.3 (d, 1H CH=CH), 7.5 (d, 1H CH=CH), 3.78(s, OCH3), 

12.1(s, COOH). 

 

(b) ferulic acid coupled by β-β bond: MW = 422 g/mol. 1H NMR 

(400 MHz, DMSO, (ppm)): 7(d, 1H Ar), 6.65 (d, 1HAr), 6.84 (dd, 1H 

Ar), 5.73 (s, OH), 3.78(s, OCH3),4.21(s, CH2). 
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Figure 2-34: 1H NMR spectra of ferulic acid (8) 

 

 

 

Figure 2-35: MALDI-TOF of ferulic acid dimer (8) 

 

With the exception of the coniferyl alcohol (9) which afford two types of dimers, coupled by 

two types of linkages (5-5’) (Figure 2-38) and β–O–4 coupling (Figure 2-37), with almost of 

50% yield of the last dimer product (β–O–4) which is the most abundant linkage in natural 

lignin. 
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(a) coniferyl alcohol: MW = 180 g/mol. 1H NMR (400 MHz, DMSO, (ppm)): 7 (d, 

1H Ar), 6.78 (dd, 1HAr), 6.72 (d, 1H Ar), 6.21 (dt, 1H CH=CH-CH2), 6.45 (d, 1H 

CH=CH), 4.07 (dd, 2H CH2), 4.75 (t, OH), 9 (s, OH). 

(b) coniferyl alcohol coupled by C-O bond: MW = 375 g/mol. 1H NMR (400 MHz, 

DMSO, (ppm)): 7.45 (d, 1H Ar), 7.40 (dd, 1HAr), 6.96 (d, 1H Ar), 6.90 (d, 1H Ar), 

6.73 (dd, 1HAr), 6.80 (d, 1H Ar), 6.21 (dt, 1H CH=CH-CH2), 6.45 (d, 1H CH=CH), 

4.02 (dd, 2H CH2), 4.53 (t, OH), 9.75 (s, OH). 

 

 

(c) coniferyl alcohol coupled by C-C bond: MW = 358 g/mol. 1H NMR (400 MHz, 

DMSO, (ppm)): 6.95 (d, 2H Ar), 6.78 (d, 2HAr), 6.25 (dt, 2H CH=CH-CH2), 6.48 

(d, 2H CH=CH), 4.03 (dd, 2H CH2), 5(t, OH), 9.02 (s, OH). 

 

 

 

Figure 2-36: 1H NMR spectrum of coniferyl alcohol 
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Figure 2-37: 1H NMR spectrum of di-coniferyl alcohol coupled by C-O linkage 

 

 

Figure 2-38: 1H NMR spectrum of di-coniferyl alcohol coupled by C-C linkage 
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(a) 4-hydroxybenzyl alcohol: MW = 124 g/mol. 1H NMR (400 MHz, DMSO, (ppm)): 7.12 

(d, 2H Ar), 6.71 (d, 2HAr), 4.35 (s, 2H CH2), 9.24(s, OH), 4.93 (s, OH). 

 

(b) 4-hydroxybenzyl alcohol 2,2’ dimer: MW = 246 g/mol. 1H NMR (400 MHz, DMSO, 

(ppm)): 7.77 (d, 2H Ar), 6.71 (d, 2HAr), 7.15 (dd, 2HAr), 4.26 (s, 2H CH2), 9.79(s, 2H 

OH). 

 

(c) 4-hydroxybenzyl alcohol 4,4’ dimer: MW = 248 g/mol. 1H NMR (400 MHz, DMSO, 

(ppm)): 7.14 (d, 4H Ar), 6.74 (d, 4HAr), 4.34 (s, 4H CH2), 9.35(s, 2H OH). 

 

 

 

 

Figure 2-39: 1H NMR of 4-hydroxybenzyl alcohol 
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Figure 2-40: 1H NMR of 4-hydroxybenzyl alcohol dimer coupled by C-C linkage 
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2.9. Conclusion 
 

A green and easy continuous flow photooxidation way to synthesize the 5-5’ dimer coupling 

derivative obtained at higher yield around 80 % by flow photo-oxidation of vanillyl alcohol (1) 

using riboflavin as photosensitizer. In our knowledge the high riboflavin selectivity toward the 

dimer 5-5’ and β-β coupling have been observed for the first time and no side product have been 

detected with this flow process. This process presents several advantages: (i) the 5-5’ dimer 

formation occurs in flow system at room temperature without using any oxidant, (ii) the product 

purification is easy (iii) Furthermore, this dimerization procedure was extended to several lignin 

model which affords mainly the (5-5’) biphenylic derivatives products. Some parameters such 

as pH, flow rate and time duration have been carried out to study the selectivity and yield of 

riboflavin catalyzed the coupling reactions, the highest yield have been achieved only at neutral 

pH with a flow rate of 0.1 mL/ min during 1 hours. Such a platform of symmetrical and 

functional aromatic dimers is of high interest for the design of novel rigid (semi) aromatic bio-

based polymers. 
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3. CHAPTER THREE: C-O COUPLED-POLYVANILLIN BY 

DEHYDROGENATIVE POLYMERIZATION OF VANILLIN 

USING IMMOBILIZED HORSERADISH PEROXIDASE 

 

3.1. New possibility for lignin models based on vanillin  
 

Vanillin, a naturally occurring phenolic aldehyde with promising applications in a variety of 

sectors, has emerged as a major force in polymer chemistry. Natural vanillin from vanilla pods 

costs more than synthetic vanilla, which costs between 12-40 dollars per kilogram [198, 199]. 

The fraction of synthetic vanilla derived from renewable resources is rising [200]. In particular, 

synthetic vanilla is made in large quantities from lignin rich in β-O-4 links [201]. vanilla 

produced by biotechnology from renewable resources is deemed as natural and can be utilized 

in food, composites, medicine delivery, antibacterial coatings and water treatment [202]. It costs 

roughly 800 dollars per kilogram [198]. Vanillin is an excellent precursor for producing a bio-

sourced aromatic polymer because of its phenol and aldehyde functionality and its attractive 

price [202]. In recent years, multiple reports have been published on the synthesis of aromatic 

polymers based on vanillin employing diverse chemistries. Instead of using vanillin itself, two 

of its symmetrical dimers have been incorporated into polymer network:  

1. C-C divanillin obtained by dehydrogenative oxidation of vanillin [203-205]; 

2. hydrovanillin formed by electrochemical reduction of the aldehyde function [206, 207]. 

In the first step, vanillin is dimerized into C-C divanillin by dehydrogenative oxidation using 

HRP [208]. The C-O divanillin, which is naturally found in lignin [209] and can be generated 

by dehydrogenative oxidation [210], is an appealing strategy for the preparation of vanillin 

based polymers that lead to further reaction. This phenyl oxide polymer family is very robust 

and has a wide range of industrial applications [211]. There is a lot of interest in researching 

lignin synthesis, thus it is necessary to look for new, straightforward methods with fewer steps 

in the reactions. Models of lignin are useful tools for imagining new lignin structural features 

and for estimating its reactivity. They also reduce the complexity of lignin, which helps us 

comprehend the processes that underlie its synthesis. Vanillin, guaiacol, ferulic acid, among 

many other aromatic compounds, are released during lignin depolymerization. The creation of 

lignin-based polymers heavily utilizes the ingredients vanillin and ferulic acid. A highly strong 
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phenolic aldehyde that is widely accessible in large quantities and has a high potential for 

polymer synthesis is vanillin [51, 212]. 

 

3.1.1. Vanillin and its extraction  

 

The primary flavoring of vanilla, vanillin, was traditionally made from vanilla pods [213]. 

Later, other extraction techniques for vanillin were created. The most notable commercial 

process, which produces 85% of the world's vanillin supply, is the manufacture of vanillin from 

the petrochemical guaiacol. Lignin is a different source of vanillin, contributing 15% to its 

production [214-216]. Natural phenolic aldehydes like vanillin have amazing potentials in the 

food, fragrance, and pharmaceutical industries, and polymer chemistry has tapped into this line 

of research [217]. 

 

3.1.2. Vanillin as a model for lignin 

 

A lignin monomeric molecule called vanillin [218] shares several functional groups with the 

major monomers of lignin [219]. At an industrial scale, it is made from lignin [200]. Vanillin 

yield was found to be significantly influenced by the type of lignin linkages present, with lignin 

rich in β-O-4 links producing the highest output [201]. The production of biobased materials 

using environmentally friendly and sustainable methods, such as the synthesis of lignin models 

[220-222], as well as other polymers like vinyl [223] and cyanate ester resin [224] in addition 

to epoxy resins [51]. Thus, using vanillin-based products as instruments to imagine some novel 

uses for lignin, vanillin production via lignin valorization routes imposes a new research 

mindset. 

 

3.1.3. Divanillin  

 

Dehydrodivanillin, commonly known as divanillin, is a crucial antioxidant and taste ingredient 

in medicinal, food, and cosmetic industries. According to earlier reports, it is also utilized in 

polymer synthesis and microlithography [225]. It has been produced using a variety of 

techniques over time, including enzymatic and chemical ones. 
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3.1.3.1. Synthesis of divanillin via chemical methods  

 

Different chemical processes are frequently used to create divanillin. By oxidative phenol 

coupling with iron (II) chloride (FeCl3) or iron (II) sulfate (FeSO4), it has been created. In 1885, 

the first FeCl3-based divanillin synthesis was described, and several others followed [226-228]. 

The ortho position of the phenol group was oxidized using stoichiometric amounts of FeCl3. As 

a result, divanillin precipitated, was washed, and was filtered out of the mixture. A 57% yield 

was attained. 

In 1918, the first potassium/sodium persulfate-based divanillin synthesis was described [50, 

204, 228, 229]. Recent improvements to this synthetic method led to an increased yield of 95%, 

which is 20% more than in the earlier work, vanillin was oxidized using an iron (II) sulfate 

heptahydrate and sodium peroxodisulfate in hot water to produce divanillin.  

To be more precise, water was combined with vanillin and FeSO4 and agitated for 10 minutes 

at 50 °C before Na2S2O8 was added. The brown precipitate was filtered out and dissolved in 

NaOH after a 5 day reaction period (2 M). Following the addition of HCl (2 M), the precipitate 

was separated by filtering. Both of these techniques use non-renewable metal catalysts and need 

lengthy reaction times to produce high yields. An enzymatic pathway was created in order to 

avoid the use of hazardous substances (sodium persulfate) and inorganic salts. 

 

3.1.3.2. Synthesis of divanillin via enzymatic coupling 

 

Enzymatic polymerization has grown in popularity and made significant contributions to the 

advancement of lignin research in light of the growing demand for sustainable and secure green 

synthesis. Such procedures entail the oxidation of phenolic substances using peroxidases, 

primarily HRP, and fungal laccases. 

Following the oxidation of vanillin in aqueous solution with peroxidase in the presence of 

hydrogen peroxide, divanillin was discovered for the first time in 1972 [230]. While oxidizing 

vanillin with peroxidase in dairy products, some studies reported the presence of divanillin. The 

structural diversity of o-methoxyphenols' oxidation products that were catalyzed by peroxidase 

was examined by Dordick and colleagues in 2004 [231]. 
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The enzyme soybean peroxidase, which is readily available and very active, was utilized. The 

substrate was dissolved in 0.5 L of aqueous buffer containing 1.0 g/mL of enzyme, 12 mM 

vanillin, and 1% (v/v) DMF. H2O2 was slowly introduced to start the reaction. Oligomers are 

created as a result of this process. The number of units in the resultant oligomers was controlled 

by the amount of DMF. 

For the synthesis of oligomers with 2 to 5 units, 1% of DMF was sufficient. An overall yield of 

80% was attained after 12 hours. Furthermore, the reaction is pH-dependent. In fact, the 

synthesis of dimers, numerous trimers, and minor fractions of tetramers, pentamers, and 

quinone were all promoted by somewhat acidic circumstances. To get a good selectivity in 

dimer production, the circumstances still needed to be improved. 

For instance, Vosburg and colleagues (2010) found that employing 1000 units of enzyme, 

decreasing the pH to 4 using acetic acid, and adding 3% hydrogen peroxide to 1 g of product 

results in a yield of 80% dimers after 5 min [203]. 

 

3.2. Polymerization triggered by peroxidase 
 

Enzymes known as peroxidases have been used frequently in radical aromatic polymerization. 

Two radical species (oxidized substrates) are formed during the catalytic cycle of peroxidases, 

specifically at the point where compound (II) returns to the resting state after being abstracted 

of two hydrogen from the reducing substrate. These radical species are what trigger the 

polymerization process. When performing peroxidase-catalyzed synthesis, a crucial aspect 

needs to be considered. To prevent the enzyme from being inhibited, the right H2O2 

concentration must be chosen [232, 233]. 



Polyvanillin by coupling of vanillin on immobilized horseradish peroxidase 

79 

 

Figure 3-1: Mechanism of phenol polymerization by peroxidase. A. Phenoxyl radicals first form. B. a radical 

combination. C. polymerization and radical transfer [234]. 

 

 

 
For understanding lignin structure and synthesis mechanism, new lignin models must be 

created. The goal of this research is to present a straightforward and trustworthy method for 

polymerizing vanillin, a good option for the production of renewable polymers [235, 236]. By 

revisiting the traditional pathways that result in vanillin dimerization and using novel enzymatic 

techniques, this method enables the collection of structural data on the manner of bond 

formation in peroxidase-catalyzed processes as well as the analysis of vanillin oxidation. 

3.4. Experimental part  

 

3.4.1. Chemicals  

 

Vanillin, vanillyl alcohol, sodium acetate, ferrous sulfate, hydrochloric acid, magnesium 

sulfate, potassium carbonate, chloroform, ethyl acetate, methanol, tetrahydrofuran, acetone, 

acetic acid, HRP type (I), P8125; HRP type (II), P8250, dichloromethane, petroleum ether, 

sodium bicarbonate, dimethylsulfoxide, sodium hydroxide, 2-iodoacetamide, hydrogen 

peroxide, anhydrous magnesium sulfate, acidic anhydride, tetrakis(acetonitrile)copper(I) 

triflate were purchased from Sigma Aldrich. Sodium persulfate was purchased from Alfa Aesar.  
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3.4.2. C-C vanillin dimerization by chemical way  

 

To a solution containing vanillin (70 mmol) in water (700 mL), FeSO4 (1.4 mmol) was added 

under stirring. After heating at 50 °C for 10 min, Na2S2O8 (37.5 mmol) was added. After stirring 

the reaction mixture at 50°C for 5 days, brown precipitates were formed, filtered off, and 

dissolved in NaOH (2 M) solution. Upon the addition of HCl (2 M) solution, the precipitates 

formed were isolated by filtration. 

 

1H-NMR (300 MHz, (CD3)2CO) δ 3.94 (s, 3H, OMe), 8.63 (s, 1H, OH), 7.03 (dd, J = 7.5, 

0.8 Hz, 2H, Ar-H), 7.46 (s, 1H, Ar-H), 7.49 (dd, J = 1.9 Hz, 1H, Ar-OH), 9.8 (s, 1 H, 

HCO). 

13C-NMR (300 MHz, (CD3)2CO) δ 55.45, 110.07, 115.08, 126.13, 129.87, 148.08, 152.66, 

190.25, 205.50.  

 

 

 

3.4.3. C-C vanillin dimerization using HRP type I/II 

 

1 g vanillin (6.6 mmol) was dissolved in 100 mL of deionized water by heating the mixture to 

50° C. Acetic acid (0.022 mmol) was added to decrease the pH to 4. To this mixture 9 mg of 

horseradish peroxidase Type I or II (1000 U) was added followed by hydrogen peroxide (3% 

in water, 6.6 mmol). After 15 min of stirring at room temperature, a brown precipitate was 

formed and collected by filtration on Buchner and dried overnight in the oven. Yield 90%. 

 

1H-NMR (300 MHz, CD3SOCD3) δ 9.82 (s, 2H, HCO), 7.44 (dd, j = 3.6, 1.8 

Hz, 4H, Ar-H), 3.94 (s, 6H, OMe). 

13C-NMR (300 MHz, CD3SOCD3) δ 56.48, 109.09, 125.03, 128.40, 128.99, 

148.62, 150.90, 191.72. 
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3.4.4. C-C vanillin dimerization using laccases 

 

Vanillin was oxidized by two fungal laccases: laccase from Trametes versicolor (12.4 mg, 20 

U) and from Myceliophthora thermophila expressed in Aspergillus sp. under the same 

conditions reported by Savonnet et al. [210]. Vanillin (1.5 g, 10 mmol) was solubilized in 

acetone (20 mL) before sodium acetate buffer (NaOAc) buffer (180 mL, 0.1 M) was added to 

set pH to 5.0. The reaction was initiated by the addition of laccase. After stirring the reaction 

mixture for 24 h at room temperature, greenish precipitates were formed. The precipitates were 

recovered by filtration and dried in the oven overnight. 

 

3.4.5. Divanillin reduction to divanillyl alcohol  

 

Divanillin (0.075 g, 0.25 mmol) was dissolved in 2.5 mL DMSO. Sodium borohydride (0.023 

g, 0.60 mmol) was then added slowly under agitation at room temperature. After 30 min, the 

reaction was stopped by the addition of 1 ml saturated NaCl. Finally, the reaction was 

neutralized using HCl (3M), and divanillyl alcohol was extracted with excess of 

dichloromethane/water. Dichloromethane was dried over MgSO4 before being removed by 

evaporation (Yield 80%). Divanillyl alcohol MW =306 g/mol. 1H NMR (DMSO-d6 δ 4.45(s, 

CH2), 5.02 (S, OH), 6.73 (2H, d, J, H-Ar), 6.93 (2H, d, J, H-Ar). 

 

1H-NMR (300 MHz, (CD3)2CO) δ 3.83 (s, 3H, OCH3), (s, 1H, OH), 4.54 (2H, d, J = 5.8, 

CH2), 6.8 (2H, t, J = 1, Ar-H), 6.98 (s, 1H, Ar-H), 7.43 (1H, s, Ar-OH). 

13C-NMR (300 MHz, (CD3)2CO) δ 55.31, 63.94, 110.57, 114.56, 119.47, 133.90, 

145.59, 147.31, 205.62. 

 

 

1H NMR (DMSO), δ 3.82 (3H, s, OMe), 5.02 (1H, t, OH), 4.42 (2H, d, J 4.42, CH2), 

6.67 (2H,H22’), 6.89 (2H,H11’), 8.75 (1H, Ar-OH). 
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3.4.6. Vanillin or vanillyl alcohol derivatization using different bases  

 

3.4.6.1. DBU (1,8-Diazabicyclo(5.4.0)undec-7-ene)  

 

1 equivalent of vanillin (0.5 mmol) dissolved in 1.7 mL DMF then 1 equivalents of DBU (75 

microliter) was added, and 1.2 equivalents of 2-iodoacetamide (0.6 mmol) were slowly added, 

and the reaction mixture was further stirred at room temperature under nitrogen for 24 h in the 

dark. To remove the excess of DBU a washing with sulphuric acid solution (1M) was did .Then 

the product was extracted with ethylacetate and washed with water then dried over MgSO4 the 

solvent was removed under rotary evaporator. Yield: 64%. And when 3 equivalents of DBU 

were used in place of 1 the yield was 34%. 

 

3.4.6.2. NaOH  

 

1 equivalent of vanillin or vanillyl alcohol (0.5 mmol) dissolved in 1.7 mL DMF 

(dimethylformamide) then 1 or 3 equivalents NaOH (20 mg/60 mg) respectively was added, 

after 1h of agitation; 1.2 or 3.8 equivalents of 2-iodoacetamide (0.6 mmol/1.8 mmol) were 

slowly added, and the reaction mixture was further stirred at room temperature for 20 h in the 

dark. The product was extracted with ethylacetate and washed with water then dried over 

MgSO4 the solvent was removed under rotary evaporator. Yield: 100%.  

 

3.4.6.3. Phosphazene Phosphazene base P1-t-Bu-tris (tetramethylene)  

 

1 equivalent of vanillin or vanillyl alcohol (0.5 mmol) dissolved in 1.7 mL DMF, then 1 or 3 

equivalents of phosphazene (0.16 mL/0.46 mL) respectively was added, after 1h of agitation; 

1.2 or 3.8 equivalents of 2-iodoacetamide (0.6 mmol/1.8 mmol) were slowly added, and the 

reaction mixture was further stirred at room temperature for 20 h in the dark. The excess of the 

base was removed by washing with acidic solution (HCl 0.1M) .The product was extracted with 

ethyl acetate and washed with water then dried over MgSO4 the solvent was removed under 

rotary evaporator. Yield: 100%.  
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3.4.6.4. K2CO3 as a base  

 

1 equivalent of vanillin or vanillyl alcohol (0.5 mmol) dissolved in 1.7 mL DMF then 1 or 3 

equivalents NaOH (20 mg/60 mg) respectively was added, after 1h of agitation; 1.2 or 3.8 

equivalents of 2-iodoacetamide (0.6 mmol/1.8 mmol) were slowly added, and the reaction 

mixture was further stirred at room temperature for 20 h in the dark. The product was extracted 

with ethylacetate and washed with water then dried over MgSO4 the solvent was removed under 

rotary evaporator. Yield: 100%. 

 

1H NMR (CDCl3), δ 3.95 (3H, s, OMe), 9.88 (1H, s, COOH), 6.31 (1H, s, NH2), 6.99 

(1H, d), 7.48 (1 H, d), 7.41 (1 H, dd), 4.55 (2H, s, CH2).  

  

 

 

 

 

3.4.7. Functionalization of 5-5’ dehydrodivanillin 

 

1 equivalent of divanillin (0.5 mmol) dissolved in 6 ml DMSO then 3 equivalents of potassium 

carbonate (K2CO3) (0.43 mmol) was added, and 3.6 equivalents of 2-iodoacetamide (1.8 mmol) 

were slowly added, and the reaction mixture was further stirred at room temperature for 24 h in 

the dark. The product was extracted with excess of dichloromethane/water then dried over 

MgSO4 the solvent was removed under rotary evaporator. Yield: 60%. 

1H-NMR (300 MHz, CDCl3), 3.92 (s, 6H, OMe), 4.25 (s, 4 H, CH2), 5.89 (s, 2H, NH2), 

6.56 (s, 2H, NH2), 7.42 (dd, j = 33.2, 1.9 Hz, 4H, Ar-H), δ 9.87 (s, 2H, HCO) 
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3.4.8. Purification of derivatized polyvanillin  

 

The obtained product was purified on silica gel chromatography using mixture of solvent 

ethylacetate/methanol 80:20, followed by C18 column using water/acetonitrile 70:30 to the 

MALDI analysis. 

 

3.4.9. Polyvanillin synthesis on HRP immobeads®150P 

 

The oxidation of vanillin using the immobilized enzymes was carried out following the protocol 

of another PhD student in our laboratory. The mixture consisted of 0.2 g of HRP wet beads 

were added to a solution containing vanillin (0.15 g, 1 mmol), acetic acid (0.012 mmol) and 

H2O2 (30% in water, 1.45 mmol) in 33.3 mL water. The reaction mixture was shaken for 2 h, 

and the obtained product remained attached to the beads, where the color of the beads turned 

into beige color after 1 to 2 min upon the addition of vanillin and this color became brown at 

the end of the reaction. The product was then recovered by soaking the beads in 

dichloromethane overnight. The obtained product was precipitated by the addition of water on 

ice to remove the excess of vanillin. The organic phase was then recovered, dried over MgSO4 

and evaporated. Yield 46%.  

 
 

3.4.10. Derivatization of polyvanillin using iodoacetamide in basic medium 

(amidation reaction) 

 

1 equivalent of purified polyvanillin (0.5 mmol) dissolved in 6 ml DMSO then 3 equivalents of 

potassium carbonate (K2CO3) (0.43 mmol) was added, and 2.4 equivalents of 2-iodoacetamide 

(1.2 mmol) were slowly added, and the reaction mixture was further stirred at room temperature 

for 5 h in the dark to prevent the formation of polyacetamide. The product was extracted with 

excess of dichloromethane/water then dried over anhydrous MgSO4 the solvent was removed 

under rotary evaporator. Yield: 20%. 

The obtained product was purified on C18 column using water/acetonitrile 70:30 to the MALDI 

analysis. 
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3.4.11. Derivatization of polyvanillin using acetic anhydride (acylation reaction) 

 

In 25 mL round-bottom flask, polyvanillin (0.02 g, mmoL, 1 equivalent) dissolved in 6 mL 

dichloromethane and acidic anhydride (0.38 mL, 4.0 mmoL, 8 equivalents) were added under 

nitrogen. Tetrakis (acetonitrile) copper (I) triflate catalyst (0.038 g, 20 moL %) was then added 

to the reaction mixture which was stirred at room temperature for 3 hours. After that, saturated 

aqueous NaHCO3 (4 mL) was added and stirred for 45 min to neutralize the excess of acetic 

anhydride. 

 

3.5. Results and discussion 

3.5.1. Different routes for vanillin oxidation  

 

It is obvious from prior research that vanillin is a superb option for the synthesis of renewable 

polymers. The primary goal of this work was to present a straightforward and trustworthy 

method for vanillin polymerization for the first time. Vanillin oxidation was thoroughly 

examined by revisiting the traditional pathways that results in vanillin dimerization in order to 

gather structural data regarding the method of links formation in peroxidase-catalyzed 

processes. 

 

First, vanillin was subjected to an early documented conventional chemical oxidation reaction 

that implied the use of sodium persulfate and ferric oxide as catalysts, producing 5-5' 

dehydrodivanillin with a 96% yield [204]. The method suggested by Nishimura et al., which 

entails the dimerization of vanillin using HRP (type I) in slightly acidic aqueous medium, 

remains the most preferred method in light of the growing demand for green processes. It 

enables high conversion (85%) of the 5-5' divanillin to be obtained in 5-15 minutes rather than 

5 days and does not involve the use of any toxic reagents [203]. 
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In this investigation, two kinds of horseradish peroxidases (HRP type I and type II) that differ 

by the amount of isoforms they contain were employed. Vanillin was converted into the 5-5' 

dimer with a yield of 90–95% when HRP (type I) oxidized it. Nevertheless, 5-5' divanillin with 

a 90% conversion was also produced using HRP type II under the same reaction circumstances. 

When HRP is added, 5-5' divanillin-corresponding brown precipitates are immediately 

generated and are quickly recovered by filtration. The aromatic hydrogens of divanillin were 

identified in the multiplet at 7.44 ppm that the 1H NMR study revealed (Figure 3-4). 

 

 

Figure 3-2: 1H NMR of vanillin in DMSO 

 

Figure 3-3: 13C NMR of vanillin 
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Figure 3-4: 1H NMR of divanillin 

 

Aside from peroxidases, laccases are also known to oxidize vanillin, with the majority of the 

dimers produced in this process giving trimers and higher molecular weight oligomers in trace 

amounts [152, 231]. Oligomeric materials were found in the investigation of Krings et al., who 

employed laccase from Funalia trogii for the oxidation of vanillin [152]. Following the 

methodology of Savonnet et al.[210], the oxidation of vanillin utilizing two types of fungal 

laccases (laccase from Trametes versicolor and laccase from Myceliophthora thermophila) was 

studied in this work. 

Vanillin was first dissolved in acetone, and then an acetate buffer was added to raise the pH to 

5.0. The reaction result precipitates under these circumstances, while the reactant remains 

soluble. The color of the solution changed to yellow with the addition of laccases, indicating 

the potential generation of radicals or quinone. Vanillin mostly has electron-withdrawing para 

substituents, which promote quinone production [159]. According to 1H-NMR results, both 

enzymes could produce 5-5' dehdrodivanillin without enriching the medium with oxygen. 

As the kind of links depends on the position of the stabilization of the radical on the aromatic 

cycle, which preferably happens at position five of vanillin, the 5-5' divanillin was mostly 

generated regardless of the type of enzyme utilized. 

 

3.5.2. Amidation of vanillin/ divanillin using iodoacetamide  

 

The functionalization step of 5-5’ divanillin that was carried out aiming at masking the phenolic 

hydroxyl groups which came up with several benefits including:  
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 1) Optimization of the solubility of divanillin; 

 2) Counting of the free hydroxyl groups present in the molecule, 

 3) Higher resolution of MALDI-TOF spectra, 

 4) Development of a separation procedure. 

Thus, we decided to work firstly on vanillin to optimize the reaction conditions, Preliminary 

alkylation reactions were performed in the presence of NaOH as the base and we got a highly 

yield, which was then replaced by different types of bases to prevent the toxicity of NaOH on 

the MALDI-TOF machine like DBU, phosphazene, and K2CO3 because they are a milder 

reagent for MS. 

Using 1 equivalent of DBU as a base, we got 64% of conversion and when we increased the 

equivalent to 3 we got a lower conversion 32%. So it’s replaced by phosphazene which gave a 

100% of conversion but we had a big problem with this type of base, it’s very hard to remove 

the excess of this base even after several washing using acidic water so we skipped to another 

type which is K2CO3 which gave the best result (Figure 3-5). So, the next step was to work on 

divanillin.  

 

Table 3-1: Summary of the conditions for the derivatization reaction of vanillin and vanillyl alcohol. 

Vanillin Vanillyl 

alcohol 

NaOH DBU Phosphazene Conversion 

(%) 

0.5 mmol _ 0.5 mmol _ _ 100 

_ 0.5 mmol 1.5 mmol 

(3 eq.) 

_ _ 100 

0.5 mmol _ _ 0.5 mmol _ 64 

0.5 mmol _ _ 1.5 mmol 

(3 eq.) 

_ 34 

_ 0.5 mmol _ 1.5 mmol 

(3 eq.) 

_ 0 

0.5 mmol _ _ _ 0.5 mmol 100 
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Figure 3-5: 1H NMR of derivatized vanillin 

 

 

Table 3-2: Summary of the conditions for the derivatization reaction of 5,5’ dehydrodivanillin and polyvanllin. 

Divanillin 
Polyvanilli

n 

Phosphazen

e 
NaOH K

2
CO

3
 

Conversion 

(%) 
Difficulties observed 

1 eq.. _ 3 eq. _ _ 100 Difficulty in removing the 

excess of phosphazene 

1 eq. _ _ 3 eq. _ 50 - 

1 eq. _ _ _ 3 eq. 60 - 

_ 1 eq. _ _ 10 eq. 20 Polyacetamide formation 

_ 1 eq. _ _ 1 eq. 0 - 

_ 1 eq. _ _ 2 eq. 20 

Small quantity of derivatized 

polyvanillin is obtained 

following normal and reverse 

phase (C18) silica gel column 

 

Although the nature and the symmetrical arrangement of divanillin make it an interesting 

molecule for biobased polymeric materials, however it poses two main limitations including 

solubility difficulties and fragility under basic conditions which causes the transformation of 

divanillin into divanillyl alcohol. Initially, the reduction of divanillin was performed following 

the protocol of Savonnet et al. who used NaOH as the solvent [237]. Unexpectedly, divanillin 

was not completely soluble under these conditions, which hindered the progress of the reaction. 

So that, we solubilized divanillin in DMSO, since all other trials to dissolve it in common 

organic solvents and alcohols (MeOH, EtOH, CHCl3, DCM, DMF (soluble but at very high 



Polyvanillin by coupling of vanillin on immobilized horseradish peroxidase 

90 

quantity of solvent) were not successful. This led to the formation of divanillyl alcohol with 

80% yield and high purity. 

 

 

Figure 3-6: 1H NMR of divanillyl alcohol 

 

In these regards, the functionalization step became a necessity to improve the solubility and 

detectability of C-C divanillin by mass spectrometry, we were directed toward derivatization is 

among the most commonly used methods for chemical analysis to improve the properties of 

chemical compounds [238, 239] . Preliminary alkylation reactions were performed using NaOH 

as the base, which was then replaced by K2CO3 because it is a milder reagent for MS. In the C-

C coupled dimer, the two phenolic hydroxyl groups of vanillin are present. Accordingly, upon 

derivatization of the 5-5’ divanillin, a mass increase of 2×57.02 Da is shown (Figure 3-8). Also 

the MALDI-TOF and FT-ICR spectra revealed that the presence of a trimer of vanillin, which 

appeared as the sodium adduct at m/z 589 Da possessing two amide groups [H(C8H6O3)3 H + 2 

C2H4NO+ Na]+. Similar study was carried out by et al. where the type of linkages was clarified 

by silylation [152]. 
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Figure 3-7: 1H NMR of derivatized divanillin 

 

 

Figure 3-8: MALDI-TOF of derivatized divanillin 

 

Figure 3-9: FT-ICR MALDI spectrum of C–C coupled derivatized divanillin 

 

The type of the monomer, the enzyme, and the solvent are some of the variables that have a big 

impact on how phenolic compounds polymerize [240]. The degree of phenolic compound 
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oxidation is influenced by the type of solvent utilized. For instance, the quick precipitation that 

results from the oxidation of phenolic compounds in fully aqueous solvents prevents the 

generation of products with higher degrees of polymerization [241]. 

As peroxidases can maintain their catalytic activity in such systems at well-defined 

concentrations, it is possible to conduct oxidation reactions involving them in a mixture of 

organic and aqueous solvent [242]. Researchers frequently use similar systems to change the 

state of their enzyme-catalyzed reactions from oligomerization to polymerization [232]. For 

this form of polymerization, the phosphate buffer: methanol system is the best system. In order 

to oligomerize/polymerize vanillin, oxidation of vanillin was conducted in a solution containing 

40% methanol and 60% sodium phosphate buffer at pH 6.5.  

 

3.5.3. Vanillin oxidation using immobilized oxidoreducatses 

 

In this study, HRP was immobilized on immobeads®150P epoxy carrier to improve the findings 

of vanillin oxidation. Considering the simplicity of synthesis, product recovery, and degree of 

polymerization achieved, immobilized HRP was chosen as the best catalyst for vanillin 

polymerization. With a yield of 46%, the polymer obtained was recovered in dichloromethane 

while still being attached to the beads. A preliminary understanding of the structure of 

polyvanillin was obtained from the structural assignments of the ions produced by MALDI-

TOF analysis, which revealed oligomeric series showing signals for sodium or potassium 

adducts and another indicating a loss of carbonyl group [H (C8H6O3)n H + Na] +, [H (C8H6O3)n 

H + k]+, and [H (C8H6O3)n H - CO+ K]+ The primary distribution, which begins at m/z 421.11 

and continues with a difference of 150 Da, ends at m/z = 1963.12 Da, was composed of the 

peaks corresponding to the K+ adducts. The second ion series begins at m/z 763.06 and finishes 

at m/z 1525.07 Da, and the third abundant series begins at m/z 475.09 and ends at m/z 1813.03 

all with a mass increase of 150 units (Figure 3-10). 
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Figure 3-10: oligomers produced by immobilized HRP following vanillin oxidation. 

 

The addition of water helped the oligomeric products that were already dissolved in 

dichloromethane (DCM) to precipitate even more on ice. This process increased the purity of 

polyvanillin. See (Figure 3-11). 
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Figure 3-11: Oligomer produced following DCM/water treatment. 

 

In order to elucidate the structure of polyvanillin by confirming whether a C-C or a C-O-4 

linkage was established, two different functionalization processes were performed. Notably, the 

solubility of the obtained product in polar organic solvents such as acetone and 

dichloromethane, was an indication of the presence of high level of C-O linkages, and this was 

not the case of the 5-5’ dimer, where its solubility was limited to DMSO. 

Based on literature, polyvanillin formation was limited to electrochemical polymerization 

leading to the reduction of the formyl group which results in a Schiff base formation from 

vanillin [243]. Vanillin Schiff bases were used to prepare epoxies [237]. Other studies also 

reported the synthesis of biobased polymers from vanillin, but none of these attempts resulted 

in the formation of homopolymer of vanillin presenting on the most significant couplings in 

lignin. 

Structural characterization using MALDI-TOF and FT-ICR showed that the derivatization 

processes helped significantly reduce impurities and made hydroxyl functional groups 

identifiable. Following derivatization of polyvanillin with iodoacetamide, spectrum shows the 

presence of three different series; [H (C8H6O3)n H + (C2H3NO) + Na]+ is the formula for this 
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series. The first one showing a mass increment of 57.02 Da which corresponds to the addition 

of one amide unit, means that all the hydroxyl groups were implied in C-O couplings leaving 

only one free terminal hydroxyl function for a side-chain C–C bond.. The formula for the 

second ion series, which has C-O couplings, is [H (C8H6O3)n H + ( C2H3NO)2 + Na]+.The 

formula [H (C8H6O3)n H + ( C2H3NO)3 -2CO + Na]+ correspond for the third ion series,which 

indicates the existence of two terminal C-C bonds, was also used to define a family of 

polyvanillins (Figure 3-12).  

  

 

Figure 3-12: polyvanillin derivatized using iodoacetamide. 

 

The table below displays the MS data for the identified products; the m/z values that were not 

visible on the spectrum were manually verified. 

 

 

 

 

 

Table 3-3: a summary of the three series of polyvanillin in basic medium  

series Formula Molecular 

formula 

m/z 

calculated 

m/z 

measured 

Error 

(ppm) 
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+0 

1 

[H(C8H6O3)3H+(C2H3ON)+ Na+] C26H23O10NNa 532.1222 532.1214 0.11 

[H(C8H6O3)5H+(C2H3ON)+ Na+] C42H35O16NNa 832.1862 832.1848 -0.32 

[H(C8H6O3)8H+(C2H3ON)+ Na+] C66H53O25NNa 1432.3121 1432.3119 0.88 

2 [H(C8H6O3)3H+(C2H3ON)2+ Na+] C28H26O11N2Na 589.1434 589.1429 -0.11 

[H(C8H6O3)8H+(C2H3ON)2+ Na+] C68H56O26N2Na 1339.3019 1339.3035 0.016 

[H(C8H6O3)10H+(C2H3ON)2+ Na+] C84H68O32N2Na 1639.3652 1639.3674 -0.022 

3 [H(C8H6O3)4H+(C2H3ON)3-(CO)+ Na+] C37H35O14N3Na 768.2017 768.2022 -0.05 

[H(C8H6O3)5H+(C2H3ON)3-(CO)+ Na+] C45H41O17N3Na 918.2333 918.2328 0.06 

[H(C8H6O3)7H+(C2H3ON)3-(CO)+ Na+] C61H53O23N3Na 1218.2967 1218.2960 0.17 

 

Furthermore, tetrakiscopper (II) triflate was used to functionalize polyvanillin in an acidic 

media. Functionalization in an acidic medium made the product extraction simpler than with 

iodoacetamide since it required fewer washing steps and produced a better yield. The MALDI-

TOF peaks' mass discrepancies were validated by the MALDI-FT-ICR spectra and correspond 

to the addition of one acetyl group (42 units), and has the following formula [H (C8H6O3)n H + 

(C2H2O) + Na]+ .Therefore, 4-O-5 bonds were ascribed to all of the polyvanillin's interunit 

connections. These findings are consistent with the work of Nanayakkara et al., who 

demonstrated that HRP adsorbed on silica nanorods could generate phenol radicals that could 

then be polymerized via C-O linkages to form linear polymers. 

The importance of this bond resides in many aspects, 1) it is among the ether units (β-O-4, α-

O-4, and 4-O-5) that are highly abundant in lignin, constituting around 80% of the bond 

formation. Further, it is characterized by high resistance to depolymerization [239].  

The alternative series, which has the formula [H (C8H6O3)n H + (C2H2O)2 + O + K]+, also has 

a C–C bond and C–O couplings with a gain of oxygen. There was also a series that did not 

exhibit derivatization but rather oxidation, [H (C8H6O3)n H +O+ H+]+. Another one is 

represented by the formula [H (C8H6O3)n H + (C2H2O) +(2O)+ K]+, which displays a gain of 

42.01 units and two oxygen atoms, in Figure 3-13. These results lead us to the conclusion that 

vanillin was oxidized with immobilized HRP to produce a variety of polyvanillin families with 

a predominance of C-O interunit linkages. 
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Figure 3-13: polyvanillin derivatized in acidic medium.  

 

Table 3-4: a summary of the three series of polyvanillin in acidic medium 

series Formula Molecular 

formula 

m/z 

measured 

1 [H (C8H6O3)7 H + (C2H2O) + Na+] C58H46O22Na 1117.3086 

[H (C8H6O3)8 H + (C2H2O) + Na+] C66H52O25Na 1267.3483 

[H (C8H6O3)15 H + (C2H2O) + Na+] C122H94O46Na 2317.041 

2 [H (C8H6O3)5 H + (C2H2O)2 + (2×O) + Na+] C44H36O19Na 891.2531 

[H (C8H6O3)7 H + (C2H2O)2 + (2×O) + Na+] C60H48O25Na 1191.3156 

[H (C8H6O3)17 H + (C2H2O)2 + (2×O) + Na+] C140H108O55Na 2691.1114 

3 [H (C8H6O3)5 H + (C2H2O) + (2×O)+ K+] C42H34O18K 865.2340 

[H (C8H6O3)6 H + (C2H2O) + (2×O)+ K+] C50H40O21K 1015.2721 

[H (C8H6O3)12 H + (C2H2O) + (2×O)+ K+] C98H76O39K 1915.4950 

 

It is important to note that the polyvanillin created in this study has a number of noteworthy 

characteristics, the most significant of which is the presence of the C-O bond, a relevant bond 

in natural lignin distinguished by its strong resistance to depolymerization and opening up a 

new avenue for research in this field. 
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According to published research, the only approach that could successfully polymerize vanillin 

was one that combined the production of the 5-5' dimer through a dehydrogenative oxidation 

reaction catalyzed by HRP with an electrochemical reaction that reduced the aldehyde groups 

[208]. Vanillin was also the subject of other research that discussed the synthesis of biobased 

polymers, but none of these endeavors produced homopolymers of vanillin that exhibit the 

strongest couplings in lignin [206, 244]. 

 

 

 

Figure 3-14: Polyvanillin's suggested structures 

 

3.6. Conclusion  
 

Divanillin was the subject of all initial tests, which made it possible to upgrade tactics more 

easily because of its accessibility and ease of use. Additionally, this dimer served as a model 

chemical for the creation of a well-structured approach that made it possible for improved 

polyvanillin characterization. 

Immobilization of enzymes has a lot of benefits. In this work, the simple separation of the 

reaction product and the production of an oligomer with higher purity and degree of 

polymerization were found to be the key benefits of utilizing mounted HRP versus free enzyme. 

The study of polyvanillin can be utilized as a model to investigate both the production and 

depolymerization of lignin. Instead of working directly on isolated lignin, it will be more 

practical to investigate C-O bond susceptibility to degradation using a straightforward and 
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accessible template. This makes room for quick and inexpensive system upgrades. In various 

ways, this study will aid lignin research: 

1) It provides a sound framework for understanding the processes that give rise to the C-C and 

C-O linkages, which make up the majority of lignin. 

2) It serves as a matrix for research into the ether bond cleavage that has been the subject of 

numerous investigations [C-O cleavage of diphenyl ether followed by C-C coupling reactions 

over hydrophobized Pd/HY catalysts]. 
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4. CHAPTER FOUR: SYNTHESIS OF SUICIDE INHIBITORS 

OF LIGNIFICATION  

 

4.1. Introduction  
 

Lignin is biosynthesized by polycondensation of phenol-alcohols. The mechanism involves the 

oxidation coupling of these phenols, via the formation of radicals, which then couple upon 

oxidation by peroxidases. The identification of peroxidases involved in lignin synthesis offers 

a viable route for modulating lignin composition in plants by providing access to their genetic 

modification. 

Heme-peroxidases of the class III plant family, primarily HRP, catalyze the one-electron 

oxidation of phenolic compounds in a way that suggests the presence of H2O2 [245]. The native 

enzyme is transformed into compounds I and II throughout this mechanism, and phenoxyl 

radicals are produced before the enzyme returns to its normal state. Both H2O2 and phenolic 

substrates can influence the activity of peroxidases during this phase, which can result in the 

enzyme's deactivation [246-248]. Many inactivation mechanisms have been postulated, and 

HRP has been at the focus of investigations on the mechanism-based inactivation of 

peroxidases. 

 The investigation of the mechanism of HRP inactivation provides insights into the mechanisms 

involving additional heme-containing enzymes [249]. Also, it supports the creation of novel 

strategies that enable the manufacturing of peroxidases with enhanced catalytic capabilities. In 

this regard, a technique was created to investigate the process of lignification peroxidases' 

deactivation during the oxidation of specific lignin monomers. 
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Figure 4-1: Process of lignification peroxidases' deactivation during the oxidation of specific lignin monomers. 

 

Nicolas Daubresse et al. demonstrated that fluoroferulic acid is able to inhibit the activity of 

peroxidases, by substituting a hydrogen atom with a fluorine atom, which is comparable to 

hydrogen but more reactive when added on a reactive position, such as the β-vinyl position. In 

addition, it has been indicated that the fluorinated analog of coniferyl alcohol is considered to 

be a specific inhibitor of lignin biosynthesis [250]. 

 

4.2. Horseradish peroxidase (HRP): a versatile enzyme 
 

Peroxidases belong to oxidoreductase family that use hydrogen peroxide as the electron 

receptor. The catalytic cycle of peroxidases, also known as the Poulos-Kraut mechanism, was 

first illustrated in 1980 by Poulos et al[251, 252]. 

The catalytic cycle of HRP starts by the interaction of the enzyme in the resting state with 

hydrogen peroxide, leading to a two-electron oxidation of heme iron to a high oxidation state 

intermediate compound I, which consists of a Fe (IV) oxoferryl center and a porphyrin-based 

cation radical. Next, compound I is transformed into compound II (the Fe (IV) oxoferryl state) 

following a one-electron reduction of the porphyrin radical cation by the substrate. Finally, 

compound II undergoes a second one electron reduction and it goes back to the resting state 

[253-255] (Figure 4-2). 
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Figure 4-2: Peroxidase catalytic cycle [254]. 

 

Peroxidase's mechanism of action has been extensively researched and is explained in three 

subsequent reactions [256]: 

(1) Fe(III) [P] + H2O2 → Fe(IV)O [P•+] + H2O 

(2) Fe(IV)O [P•+] + RH2 → Fe(IV)O + RH• + H+  

(3) Fe(IV)O + RH2 → Fe(III )+ RH• + OH- 

 [P•+]: is porphyrin radical of heme 

RH2: is the organic substrate 

 

4.3. Several routes by which peroxidase is inactivated during the 

oxidation of phenolic substances 
 

The catalytic cycle of peroxidases involves a number of side reactions that result in the 

deactivation or inhibition of peroxidases [74, 257]. High amounts of H2O2 results in the 

conversion of compound II into a catalytically inactive form, compound III, [258]. Although 

HRP has a pseudo catalase activity that serves as a key defense against H2O2 inactivation, P-

670, an irreversibly inactive form, the verdohemoprotein can also form [259]. The HRP 

catalytic cycle with the possible inhibitory pathways is shown in Figure 4-3. 
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Figure 4-3: Peroxidase's full catalytic cycle displaying the two side reactions. Compounds I, II, and III each have 

a ground state identified by the letters Ei, Eii, and Eiii, respectively. AH2 and A.P-670, also known as 

verdohaemoprotein, is the inactive form of peroxidase [260]. 

 

The inactivation can turn into suicide in the presence of a donor substrate [246]. There are 

different pathways for the inactivation of peroxidases by the substrate, including the inhibition 

of peroxidase by the polymer of the oxidation reaction that limits the access to the substrate 

[74-76]. Phenoxyl radicals can react with HRP following different pathways illustrated in 

Figure 4-3. These pathways include cross-linking between amino acids (v) or between amino 

acid residues and the polypeptide chain of HRP (iv), as well as interaction with polypeptide 

chain amino acid residues, most notably tyrosine I (i) and coupling of a phenoxyl radical to the 

HRP heme moiety (ii). The polypeptide chain's amino acids may also undergo modification, 

such as oxidation (iii). The reaction conditions and the type of the substrate play a major role 

in determining which of these routes will contribute to peroxidase inactivation (Figure 4-4).  

 

Figure 4-4: The several mechanisms by which phenoxyl radicals inactivate peroxidases. 
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4.4. Click chemistry  
 

Click chemistry enables with assembly of molecules excellent yields and quick, versatile, and 

efficient, [72]. There exist several types of click chemistry reactions, such as cycloaddition 

reactions (1,3-dipolar cycloaddition and Diels-Alder reactions), nucleophilic ring-opening 

reactions, carbonyl chemistry, including aromatic heterocycles, in addition to carbon-carbon 

multiple bonds . click chemistry is used in a wide range of domains including radiochemistry, 

bioconjugation, material science, and drug discovery [261]. In addition to the immobilization 

of enzymes at specific sites [262]. 

 

4.5. Azide-alkyne cycloaddition process catalyzed by copper (I) (CuAAC) 
 

The CuAAC catalyzed by copper (I), is the most prevalent common click reaction. It involves 

the cycloaddition of an azide and an alkyne to produce 1,4-substituted triazole [263, 264]. for 

copper to rest copper in an oxidizing state during CuAAC reactions, an excess reducing agent 

such sodium ascorbate is required [265, 266]. It is one of the most often utilized biorthogonal 

click reactions and is used in a variety of fields, including the synthesis of probes with various 

functional groups and architectural configurations [73] and the production of drugs [267]. 

Click chemistry has been used in conjunction with proteomic methods to selectively label and 

enrich proteins prior to their identification and quantification. The overall workflow is 

comparable to traditional shotgun proteomic methods in that proteins in cells, tissues, or lysates 

are labeled with a click moiety (either an azide or an alkyne tag), followed by a click reaction 

integrating a complementary protein-enrichment tag linked to a clickable functional group, like 

biotin. Labeled proteins are subsequently isolated using an affinity matrix, put through 

proteolysis, and finally put through MS analysis. 

 

4.6. CuAAC reaction mechanism 
 

Kolb and co-workers [72] proposed the CuAAC reaction mechanism. The azide partner is 

coordinated to copper (I) at the alkylated nitrogen during the production of the copper (I) 

acetylide in the first step, which results in the development of a complex of all three components 
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(1). The first C-N bond is created, and this complex then becomes a metallacycle (2). The 

copper core is moved from oxidation state +1 to oxidation state +3 in this stage. As a result, a 

ring contraction happens when copper (III) is reduced to copper (I), creating cuprous triazolide 

(3). If no alternative proton source is available, the cuprous triazolide takes a proton from an 

alkyne molecule to produce a full triazole (4) (Figure 4-5). 

 

Figure 4-5: The CuAAC reaction's postulated mechanism by Kolb et al. [72]. 

 

4.7. Adding reactive handles (such as azide or alkyne) to biological 

compounds 
 

Biomolecules can be functionalized in a variety of ways using alkyne or azide handles. There 

are two typical techniques for doing this: using an N-hydroxysuccinimide (NHS) for the 

formation of an amide bond between amine and carboxylic acid, or using a substituted 

maleimide,[73]. Unnatural amino acids (UAAs) or non-canonical amino acids coupled to azide 

or alkyne functionalities have been produced and used, especially for the functionalization of 

proteins [268]. 

4.8. Inhibitor of lignification 
 

In order to determine the reactivity order of the hydroxyl or the alkyne group, mono- and bi-

alkyne groups were introduced into the modified lignin monomers. These inhibitors could be 

convenient both for the inhibition or the pull down of lignification peroxidases. So the final 

goal is to synthesize coniferyl alcohol derivatives and their analogues. At first, we focused on 
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the ferulic acid to know if our peroxidase prey recognizes the modified alcohol before 

proceeding to a more complex synthesis. 

Thus, nine biotin-phenol analogues were designed as specialized lignification peroxidases 

identifiers/inhibitors comprising mono- and bi-alkyne functionalized substrates. These 

monomers differed by their size, levels of steric hindrance, substitution, and redox potentials.  

To link biotin and coniferyl alcohol derivative, we planned to use a click-chemistry reaction. 

 

4.9. Objective  
 

The goal of this study is to better understand the mechanisms of interaction between 

lignification peroxidases in the presence of their phenolic substrates. In this work we focused 

on the inactivation of HRP, a model enzyme highly used in lignification studies. Using 

specialized substrates made from lignin monomers. These substrates include clickable handles 

that can be used in click-chemistry-based purification systems. The mechanism of HRP 

inactivation by its aromatic substrates was explained using kinetic and mass spectrometry 

investigations. The specialized substrates are similar to the commercial biotin-tyramide used to 

identify proteins interacting with a particular protein using an approach called proximity-

dependent biotinylation. In our study, different hydroxycimnnamic acids have been 

functionalized with a triple carbon bond linker.  

The general strategy consist of: 

- Synthesis of hydroxycinnamic acid derivatives 

- Incubation of the enzyme extract with the lignin monomers derivative  

- Trapping peroxidases-lignin monomer derivatives to biotin azide using click-chemistry 

reaction 

- Isolation and identification of lignification peroxidases.  
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Figure 4-6: Functionalization of coniferyl alcohol for pull-down of lignification peroxidase by a bait and prey 

strategy 

 

 

4.10. Experimental part  
 

4.10.1. Chemicals  

 

HRP type II (P8250), biotin phenol, phosphate buffered saline, biotin-PEG3 azide, potassium 

acetate, sodium ascorbate, acetonitrile, toluene, methanol and copper sulfate pentahydrate, 

sodium ascorbate, 2-butanone, formic acid, α-Cyano-4-hydroxycinnamic acid, DMSO, Tween-

20,, hemin chloride, Paratoluene sulfonic acid (PTSA), 2-propyl-1-ol, ferulic, coumaric, sinapic 

and 3,4-dimethoxycinnamic acids were from Sigma Aldrich, C18 SPE column was from 

thermofisher scientific. 

 

4.10.2. Fisher esterification of phenols  

 

485 mg of ferulic acid (2.5 mmol) and 70 mg PTSA (0.4 mmol) were dissolved in 280 mL of 

toluene and 13.6 ml of 2-propyl-1-ol (235 mmol), the mixture was stirred for 24 h at 100 °C. 

After cooling down, the desired product was extracted in 60 mL of ethyl acetate, neutralized 

with 5% NaHCO3, and washed 3 times with water. The organic phase was dried over anhydrous 
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MgSO4, filtered, and evaporated. The product was then purified on chromatography column 

using chloroform. The same procedure was used for coumaric, sinapic and 3.4-

dimethoxycinnamic acids however the desired product was obtained after chromatographic 

separation using solvent gradient of CHCl3: MeOH.9:1. 

 

 

4.10.3. Functionalization of ferulic ester with propargyl bromide 

 

500 mg Ferulic acid (2.23 mmol) was dissolved in 30 mL methanol containing 1 mL of sulfuric 

acid, and then the solution was heated at reflux for 1 h. After cooling at room temperature, the 

solution was diluted with 150 mL ethyl acetate and washed with an aqueous solution of 

NaHCO3 (5% w/v) until pH is neutral. The organic layer was then washed with distilled water 

and dried over anhydrous MgSO4, and the solvent was removed under vacuum. The residues 

were constituted by the pure methyl ester. Yield 90%. 

66 mg of NaH (1.1 mmol) was washed with 6 mL n-pentane (5 times), and then dissolved in 3 

mL of acetonitile in glace bath, 104 mg of ferulic ester (0.5 mmol) dissolved in 1 mL acetonitrile 

was added slowly followed by the addition of 0.039 mL of propargyl bromide solution (0.45 

mmol). The mixture was stirred overnight at room temperature. The reaction was then stopped 

with 1 mL of formic acid solution (1%). The desired product was obtained after extraction using 

dichloromethane followed by washing with water 3 times; and was used directly for the next 

step without further purification. Yield: 44%. 

 

4.10.4. Bifunctionalization of ferulic acid  

 

485 mg of ferulic acid (2.5 mmol) and 70 mg PTSA (0.4 mmol) were dissolved in 280 mL of 

toluene and 13.6 ml of 2-propyl-1-ol (235 mmol), the mixture was stirred for 24 h at 100 °C. 

After cooling; 60 mL of ethyl acetate was added followed by washing with 5% NaHCO3 and 

water 3 times. The organic phase was dried over anhydrous MgSO4, filtered, and evaporated. 

The product was purified on chromatography column using chloroform.  

92 mg of NaH (1.54 mmol) was washed with 6 mL n-pentane (5 times) then it was dissolved in 

6 mL of acetonitile in glace bath, 234 mg of ferulic ester (0.7 mmol) dissolved in 1 mL 
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acetonitrile was added slowly; after that a 54 µL of propargyl bromide solution (0.63 mmol) 

was added to the mixture solution and it was stirred overnight at room temperature. The reaction 

was stopped with 2 mL of formic acid solution (1%) the desired product was obtained after 

extraction using dichloromethane followed by washing with water 3 times; and was used 

directly for the next step without further purification. Yield: 36%. 

 

4.10.5. Deuterated propargylated ferulic acid 

 

4.10.5.1. Deuterated vanillin synthesis  

 

500 mg of 3,4-Dihydroxybenzaldehyde (3.6 mmol) was dissolved in 3.7 mL of NaOH solution 

(2 M in ethanol) then 510 mg of Iodomethane d3 (3.5 mmol), diluted in ethanol (20 ml) was 

added slowly during 15 minutes; the reaction mixture was stirred at room temperature for 48 

hours. To prevent the emulsion, the solution was evaporated on a rotary evaporator under 

vacuum, the result product was dissolved in a large excess of water (37 ml) and extracted with 

dichloromethane (3 x 10 mL). The aqueous phase was taken and acidified with acetic acid 

solution 5% and extracted with CH2Cl2 (4 x 20 mL). The pure vanillin d3 was obtained after 

several washing with water of the organic phase, dried over MgSO4 and evaporated. Yield 39%. 

 

4.10.5.2. Deuterated ferulic acid synthesis by knoevenagel reaction 

 

160 mg of deuterated vanillin (1 mmol) with 178 mg malonic acid (2 mmol) were dissolved in 

0.51 mL pyridine (7.4 mmol). Then, the piperidine (35 µL, 0.4 mmol) was added. The mixture 

was heated at 70°C for 2.5 h. After cooling, pyridine was removed by evaporation; the result 

product was diluted in saturated NaHCO3 solution; then concentrated HCl solution was added 

it on an ice bath until pH 3 was reached. Then, the solution was kept in the fridge for 2 days, in 

order to obtain stimulate precipitation. Precipitates were washed with distilled water and dried 

in the oven overnight Yield 50%. 
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4.10.5.3. Fisher esterification  

 

60 mg of deuterated ferulic acid (0.3 mmol) and 8.7 mg PTSA (0.04 mmol) were dissolved in 

35 ml of toluene and 1.68 ml of 2-propyl-1-ol (mmol), the mixture was stirred for 24 h at 100 

°C. After cooling; 20 ml of ethyl acetate was added followed by washing with 5% NaHCO3 and 

water 3 times. The organic phase was dried over anhydrous MgSO4, filtered, and evaporated. 

The product was purified on chromatography column using chloroform: ethyl acetate.  

 

4.10.6. Coniferyl alcohol analogue  

 

4.10.6.1. Selective protection of coniferyl alcohol 

 

180 mg of coniferyl alcohol (1 mmol) was dissolved in 15 mL dichloromethane at 0 °C. Then 

188 mg of MOMBr (1.5 mmol) and 258 mg DIPEA (2 mmol) were respectively added slowly 

into the solution and the reaction was stirred at room temperature overnight. The reaction was 

quenched with 15 mL distilled water. The organic phase was washed with hydrochloric acid 

solution (0.5 M), followed by washing with sodium hydroxide solution (1M) until 

neutralization and dried over anhydrous MgSO4. 

After evaporation on rotary evaporator, the resultant product was purified on chromatography 

column packed with the silica pre-soaked in 1% triethylamine overnight. The solvent gradient 

used was Dichloromethane: Methanol 80:20) yield: 79%. 

4.10.6.2. Functionalisation of protected coniferyl alcohol  

 

80 mg of NaH (1.32 mmol) was washed with 6 mL n-pentane (5 times) then it was dissolved in 

3 mL of acetonitrile in an ice bath, 143 mg of protected coniferyl alcohol (0.6 mmol) dissolved 

in 1 mL acetonitrile was added slowly; after that a 0.047 mL of propargyl bromide solution 

(0.54 mmol) was added to the mixture solution and it was stirred overnight at room temperature. 

The reaction was stopped with 1 mL of formic acid solution (1%) and the desired product was 

obtained after extraction with CH2Cl2, followed by washing with water 3 times; and was used 

directly for the next step without further purification. Yield: 39%. 
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4.10.6.3. Deprotection of propargyleted coniferyl alcohol  

 

A 50 mg of the protected coniferyl alcohol, was dissolved in 7 mL methanol and 8 mL of 

hydrochloric acid solution 0.1M.The reaction mixture was heated at 60 °C under nitrogen 

during 36 h. The organic phase was extracted with ethylacetate (20 mL) and washed with water 

(3 times) then dried over MgSO4. The resultant product was purified on C18 column using 

acidic water: acetonitrile 70:30 (yield 70%). 

  

4.10.7. Purification on column chromatography  

 

Following each reaction, each product was purified using column chromatography in a glass 

column made of silica gel (60–120 mesh). Approximately 50 mg of the crude product were 

dissolved in 2 ml of solvent, put onto the 46×2 cm column, and eluted using the linear gradient 

of solvents as follows: all the end products mentioned in the Table 4-1 were extract starting 

with 100% chloroform, 50/50 chloroform/ethyl acetate, and finally 80/20 ethyl 

acetate/methanol. Thin Layer Chromatography was used to analyze all of the obtained fractions. 

 

4.10.8. Summary of all inhibitors synthesized  

 

Table 4-1: Summary of all modified lignin monomers synthesized in this work 

Modified lignin monomers Name Symbol 

 

Propargyl ferulate PF 

 

Propargyl sinapate PS 
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Propargyl coumarate PC 

 

Propargyl cinnamate PCI 

 

Bi-propargyl ferulate BPF 

 

Propargyl methyl ferulate PMF 

 

Deuterated propargyl ferulate  DPF 

 

Propargyl methyl coumarate PMC 

 

Methyl propargyl coumarate MPC 

 

Propargylated coniferyl alcohol PCA 

 

Bi-propargylated coniferyl alcohol BPCA 
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4.10.9. Self-labeling of HRP with alkyne-lignin monomer probes 

 

Alkyne probes (100 µg) dissolved in 6% DMSO in PBS solution were added to a solution 

containing HRP (100 µg) in PBS, and then H2O2 was added (100x). During 45 minutes, the 

reaction was rotated end to end during incubation. The samples were centrifuged at 14 000 rpm 

for 30 minutes in centrifugal filter apparatuses that had been treated overnight in Tween-20 

solution (5%). The reaction was then halted, and the sample rinsed several times with PBS. 

After being cleaned, the materials were kept at -20°C until they were put through protein 

digestion. 

 

4.10.10. CuAAC reaction of biotin-PEG3-azide with alkyne handles 

 

Equivalent amounts of biotin-PEG3-azide, sodium ascorbate, and copper sulfate pentahydrate 

were added to a solution containing alkyne handles in PBS (100 µg). The mixture was agitated 

for two hours while rotating from end to end in the dark, and then centrifuged and washed 

several times with PBS to remove the excess of the reagents. After washing, the samples were 

stored at -20°C until subjected to protein digestion.  

 

4.10.11. Kinetic study of HRP inactivation  

 

To generate a final concentration of HRP of 586 nM and 58.6 nM, respectively, HRP was added 

to a typical reaction mixture including equivalent amounts of H2O2 and phenolic substrate (0.1 

mM in 0.6 or 1.2 mL DMSO) in a final volume of 4 or 40 mL PBS, pH 7.4. A similar experiment 

was also carried out in a smaller reaction volume (0.45 mL), with the reaction mixture 

consisting of H2O2 (0.1 M) in PBS and phenolic compounds (0.1 M) solubilized in DMSO (0.05 

or 0.1 mL). A HRP addition started the reaction (0.1 mM). Using the same reactional conditions, 

but without lignin derivatives, control studies using HRP alone or HRP with H2O2 were 

employed. In the immediate aftermath of HRP insertion, Aliquots were taken immediately after 
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the addition of HRP, diluted, and then transferred to cuvettes containing 2 mL of ABTS assay. 

For 20 minutes, absorbance values were taken every 5 minutes to gauge the HRP's residual 

activity. All of the solutions were freshly made and stored in dark areas until use. Using a Perkin 

Elmer UV-vis instrument, assays were observed at 420 nm. 

 

4.10.12. Acetone precipitation of HRP 

 

HRP was precipitated with cold acetone (4× the sample volume) at -20°C for 4 hours. Proteins 

were then recuperated after centrifugation at 10 000 rpm for 20 minutes. 

 

4.10.13. HRP subjected to protein digestion 

 

After the kinetic study, HRP was precipitated from the samples by acetone precipitation and 

then digested by the eFASP (Enhanced Filter-Aided Sample Preparation) method was 

performed according to Erde et al. with some modifications [269]. Ultra-filtration units (filters) 

were incubated overnight in 5% (v/v) Tween-20 in water. After incubation, the filter units were 

rinsed thoroughly by three immersions in water for 20 minutes under agitation. Protein samples 

(25-100 µg) were suspended in lysis buffer containing 4% SDS (sodium dodecyl sulfate), 0.2% 

and 50 mM DTT (dithiothreitol) and 100 mM NH4HCO3 buffer, pH 8.8 and was left under 

vortex overnight at 4°C. 200 µL exchange buffer were added to lysates dispensed to passivated 

filters to eliminate SDS (0.1 M Tris-HCL8 M urea, 0.2% DCA, 100 mM ABC(ammonium 

bicarbonate) buffer (pH 8.8) and spun at 14 000 rpm for 20 minutes), this step was repeated 

thrice. Then, the samples were treated with an alkylation buffer containing 8 M urea and 50 

mM iodoacetamide in 100 mM ABC buffer, pH 8.8, and kept under agitation in the dark. After 

1 hour, samples were centrifuged at 14 000 rpm for 30 minutes. Three buffer exchange were 

performed, followed by the addition of 200 µL digestion buffer (0.2% DCA (Deoxycholic acid), 

50 mM ABC buffer, pH 8.8) to each filter unit that was centrifuged at 14 000 rpm for 20 minutes 

in order to remove urea. This step was repeated thrice. Next, 100 μL digestion buffer were 

added to the filter units, followed by the addition of trypsin (1:50 w/w). Digestion proceeded 

overnight at 37 °C. The filters were transferred to new collection tubes, and two wash and 

centrifugation steps, each with 100 μL of 50 mM NH4HCO3 buffer were done. Peptides’ 
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recovery was performed by ethyl acetate extraction; first 200 μL ethyl acetate was added to the 

peptides solubilized in 50 mM ABC buffer, and the medium was acidified by the addition of 

0.1% TFA. Then big quantity of ethyl acetate (800 μL) was added and the samples were 

centrifuged at 14 000 rpm for 10 minutes, and the upper organic phase was discarded. This step 

was repeated thrice. Samples were put at 60°C for the evaporation of ethyl acetate, and then 

evaporated in the speed vac. After complete evaporation, peptides were dissolved in 0.1% 

acidified water, and protein content was determined using Denovix spectrophotometer and later 

subjected to LC-MS/MS analysis. 
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4.11. Results and Discussion  
 

4.11.1. Synthesis of the coniferyl alcohol derivative  

 

The aim of this first strategy is to synthesize derivative phenols analogues. But at first, the 

synthesis of our target is too complicated. In fact, there are two hydroxyl groups in competition 

and the phenol is more competitive than the alcohol. Before starting a more complex synthesis, 

we decided to work on ferulic acid. The acid group being more reactive, the esterification is 

easier to implement than an etherification. The general synthetic procedure is shown in 

(Figure 4-7). The alkyne handles were inserted into these phenolic acids following acyl 

nucleophilic substitution via Fisher esterification using propargylic alcohol as the triple bond 

donor. Principally, for the synthesis of singly-alkyne functionalized probes, lignin monomers 

were treated with 2-propyl-1-ol, in the presence of the acid catalyst (PTSA) that was used to 

activate the hydroxyl group of the carboxylic acid [270], to ensure that the phenolic hydroxyl 

group will remain free for the oxidation by HRP.  

 

Figure 4-7: synthesis of propargylated phenols 

 

4.11.2. Ferulic acid derivative 

 

First, the reaction mixture was stirred at 40 °C for 6 h according to the article that corresponded 

to the reaction. The first test showed that the reaction was working but the yield was very low 

5%. So, the reaction was repeated with larger quantities to improve the analysis. However, the 

yield problem was still present. To overcome this problem, the reaction time was increased to 

24 h and the solution was stirred at reflux which gave a yield of 26%. After that it was 

considered to follow the reaction by kinetic monitoring to optimize the reaction time by 

increasing of the temperature to 100 °C. 

 

APTS

Ferulic  : R
1
 = OMe, R

2
 = H Sinapic : R

1
 = R

2
 = OMe Coumaric : R

1
 = R

2
 = H

24 h, 100 °C 
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Ferulic acid: 1H NMR (300 MHz, DMSO-d6): COOH δ = 12.12 ppm (s, 1H), OH 9.54 (s, 1H), H4 7.49 (d, 1H), 

H1 7.29 (d, 1H), H2 7.09 (dd, 1H) H3 6.80 (d, 1H) H5 6.37 (d, 1H) OMe 3.83 (s, 3H) 

Esterified Ferulic acid: 1H NMR (300 MHz, CDl3): H4 7.49 (d, 1H), H1 6.93 (d, 1H), H2 6.90 (dd, 1H), H3 6.77 

(d, 1H), H5 6.14 (d, 1H), CH2 4.68 (d, 2H), OMe 3.74 (s, 3H) H 2.44 (t, 1H) 

 

Figure 4-8: 1H NMR of ferulic acid and propargylated ferulic acid 

 

4.11.3. Extension to other lignin acids 

 

After optimizing the esterification of ferulic acid, the same was done for other analogues of 

lignin monomers p-coumaric, p-sinapic and cinammic acids. However, an additional 

purification step was did on the coumaric acid as the product was not pure enough. Purification 

on C18 column was added followed. And we got with all the phenols good results.  

For the propargyl sinapate, we obtained a yield of 22%, even the percentage of the final product 

is low but for the biological manipulations, only incredibly little volumes are required. The 

spectra of the sinapic acid and the synthesized product are in Figure 4-9, the chemical shifts are 

attributed below. 
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Figure 4-9: 1H NMR of propargyl sinapate 

 

Sinapic acid: 1H NMR (300 MHz, DMSO): Hf δ = 12.10ppm (s,1H), OH 8.88 (s,1H), Hd 7.49 (d,1H), Ha 6.98 

(s, 2H), He 6.40 (d,1H), OMe 3.83 (s, 6H) 

Propargyl sinapate: 1H NMR (300 MHz, CDCl3): Hd δ = 7.65 (d,1H), Ha 6.78 (s,2H), He 6.33 (d, 1H), OH 5.77 

(s,1H), Hf 4.82 (d, 2H), OMe 3.92 (s,6H), Hg 2.50 (t,1H) 

 

For coumaric acid, the same procedure was used, but an additional purification step was added 

because the result was not sufficiently pure. Following the addition of a purification on a C18 

column, a mass spectrometry analysis was used to identify the fractions that contained the 

product. The peaks at 4.7 ppm and 2.4 ppm always indicate that the required product was 

obtained. The reaction has a 24% yield (Figure 4-10). 
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Figure 4-10: 1H NMR of propargyl coumarate 

 

Coumaric acid: 1H NMR (300 MHz, DMSO): Hf δ = 12.11ppm (s,1H), OH 9.96 (s,1H), Hd 7.54 (d,1H), Ha 7.5 

(s, 2H), Hb 6.80 (d,2H), He 6.29 (d, 1H) 

Coumaric acid esterified: 1H NMR (300 MHz, CDCl3): Hd δ = 7.62 (d,1H), Ha 7.37 (d,2H), Hb 6.78 (d, 2H), He 

6.25 (d, 1H), OH 5.39 (s,1H), Hf 4.74 (d, 2H), Hg 2.42 (t,1H) 

 

4.11.4. Coniferyl alcohol etherification 

 

Following the confirmation of HRP recognition of esterified ferulic acid, the etherified 

coniferyl alcohol was synthesized. The synthesis was accomplished in two methods. A 

synthesis that includes a protection step and a synthesis that does not include a protection step. 

First, the results of the synthesis without the protection step demonstrate that there are two 

propargylated functions on both alkyl and phenolic OH, therefore we went the other way, using 

the MOM group to protect the alkyl and phenolic OH [271]. After the propargylation procedure, 

the MOM was deprotected under several conditions, including at room temperature with 

dichloromethane and trifluoroacetic acid, followed by a washing step with NH3, however the 

result was destroyed under these conditions, so milder conditions were used (0.1M HCl in 

methanol for 36 h at reflux) [272]. 
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Coniferyl alcohol: 1H NMR (300 MHz, DMSO): OH δ = 8.96 ppm (s,1H), H1 7 (d,1H), H2 6.79 (dd,1H), H3 6.70 

(d, 1H), H4 6.42 (d,1H) H5 6.17 (dt,1H), OH 4.74 (t,1H), H6 4.07 (td,2H), OMe 3.78 (s,3H) 

Protected coniferyl alcohol: 1H NMR (300 MHz, CDCl3): H1 δ = 7.07 ppm (d,1H), H2 6.88 (d,1H), H3 6.96 (dd, 

1H), H4 6.578 (d,1H), H5 6.16 (dt,1H), H6 4.21 (dd,2H) OMe 3.88 (s,3H) OMe (MOM) 3.47 (s,1H), H 4.67 (s, 

2H)  

Protected coniferyl alcohol etherified: 1H NMR (300 MHz, CDCl3) H1 δ = 7.07 ppm (d,1H), H2 6.90 (d, 1H), 

H3 6.96 (dd, 1H), H4 6.56 (d, 1H), H5 6.21 (dt, 1H), H6 4.22 (dd,2H), OMe 3.89 (s,1H), OMe (MOM) 3.5 (s, 1H,) 

H 4.68 (s, 2H), H 2.54 (t, 1H) 

Coniferyl alcohol di-etherified: 1H NMR (300 MHz,CDCl3) H1 δ = 6.99 ppm (d,1H), H2 6.90 (d, 1H), H3 6.96 

(dd, 1H), H4 6.56 (d, 1H), H5 6.14 (dt, 1H), H6 4.22 (dd,2H), OMe 3.89 (s,1H), CH2 4.76 (s, 2H), CH2 4.24 (s, 2H), 

H 2.51 (t, 1H), H’ 2.49 (t, 1H) 

 

 

Figure 4-11: Protected coniferyl alcohol and protected coniferyl alcohol etherified 

 

 

4.11.5. Bifunctional phenols  

 

To make singly-alkyne functionalized probes, lignin monomers were treated with 2-propyl-1-

ol in the presence of the acid catalyst (PTSA) that was used to activate the carboxylic acid's 

hydroxyl group, ensuring that the phenolic hydroxyl group remained free for HRP oxidation. 

However, it's possible that the HRP coupling occurs on the triple bond donor rather than the 

free hydroxyl group, so we chose to protect the two OH groups with a triple bond to observe if 

the HRP reacts on the triple bond or on the monomer through a C-C linkage. 



Synthesis of suicide inhibitors of lignification  

121 

 

Figure 4-12: Bifunctionalization of ferulic ester with triple bond 

 

The panel of alkyne-bearing probes was extended and two more probes with varied substitution 

groups were created to explore the reactivity of both the phenolic hydroxyl and the alkyne group 

toward HRP. To make the bi-alkylated ferulic tag, the phenolic hydroxyl group of PFA was 

either masked with a methoxy group (PMF) or a second alkyne function was added (BPF). 

 

 

Figure 4-13: Synthesis of PMF 

 

 

Figure 4-14: 1H NMR of PMF 
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Figure 4-15: Synthesis mechanism and 1H NMR of PMC 

 

4.11.6. HRP self-labelling is being developed using lignin monomer tags 

 

The interaction between HRP and the lignin monomer derivatives was investigated in this study. 

The mono- and bi-alkyne functionalized substrates possess different reactivity toward HRP 

[273]. Three main monolignols, p-coumaric, sinapic, and ferulic acids were first used 

Figure 4-16 illustrates the structure of the three primary lignin monomer derivatives: propargyl 

coumarate (PC), propargyl ferulate (PF), and propargyl sinapate (PS).  

 

 

Figure 4-16: Novel clickable lignin monomers 
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 The reaction was started by adding H2O2 to HRP (100 g), which was then incubated with the 

modified monomers (100 g) (100x equivalent to HRP). Using centrifugal units, the preparations 

were rinsed three to four times with PBS after being incubated for 45 minutes (Amicon 10 kDa). 

Proteomic analysis was then used to assess the labeling of HRP with the mono-alkylated probes, 

and the results showed that PC was the most reactive probe among the others. The MS/MS 

spectrum, which displays the reporter ion corresponding to the immonium ion of tyrosine 

conjugated to PC, Figure 4-19, verified the labeling of HRP with PC. None of the other 

employed probes (PF and PS) could change HRP in any way. It was unexpected that there was 

no labeling with ferulic acid derivatives. Hence, the panel of probes employed in this work was 

broadened in order to better understand the process by which HRP interacts with these 

substrates. In addition to numerous other lignin monomer derivatives with various structures 

and levels of substitution, these included ferulic acid derivatives with the hydroxyl group 

covered by a methoxy function, such as propargyl methyl ferulate (PMF) or with a second 

alkyne function introduced to yield bi-alkylated ferulic acid derivatives known as bi-propargyl 

ferulate (BPF). These substances are detailed in Table 4-2. Tyr 233, is thought to be the HRP-

labeling site as demonstrated by the reaction with biotin phenol and PC substrates. 

 

Table 4-2: List of the phenolic compounds used in the HRP labeling experiment. The modifications and the 

signature ions used in mass spectrometry are also provided. 

Monomer 

Modification on tyrosine Reporter ions 

Formula 
Neutral 

adduct 
Formula 

Monoisptopic 
mass 

 

Propargyl coumarate (PC)  

C12H8O3 200.0473 

C20H15O4 319.0965 

C20H18NO4 336.1230 

C21H18NO5 364.1180 

C10H8O3 176.0473 

C18H15O4 295.0965 

C18H18NO4 312.1230 
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 Methyl trans-p-coumarate (MC) 

C19H18NO5 340.1179 

 

Propargyl methyl coumarate (PMC) 

C13H10O3 214.0624 

C21H17O4 333.1121 

C21H20NO4 350.1387 

C22H20 O4 348.1356 

 

Methyl propargyl coumarate (MPC) 

C13H10O3 214.063 

C21H17O4 333.1121 

C21H20NO4 
350.1387 

C22H20 O4 
348.1356 

 

4.11.7. A "click" technique is used to bind acetylene-containing monomers to 

biotin with an azide terminus 

 

The viability of our method was examined using two acetylene-containing monomers (PC and 

PF). Due to this, equimolar amounts of copper sulfate, sodium ascorbate, and biotin azide were 

combined with PC and PF. MALDI-TOF mass spectrometry was used to study the development 

of the cycloaddition reaction between the modified monomers and biotin-azide. According to 

the MALDI-TOF spectra, the click reaction performed most effectively when working under 

equimolar circumstances. Peaks for [M+H]+, [M+Na]+, and [M+K]+ were observed in the 

MALDI-TOF spectra acquired using a PC at m/z 647.25 Da, 669.23 Da, and 685.20 Da, 

respectively. Moreover, at m/z 663.24 Da, the oxidized form [(M+O) +H] + was discovered 

(Figure 4-17). 
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Figure 4-17: MALDI-TOF spectrum of PC linked to biotin-azide by click reaction. 

 

Click-reaction between biotin azide and PF resulted in different signals observed at m/z 677.19 

Da, 699.17 Da and 715.15 Da correspondent to the [M+H]+, [M+Na]+ and [M+K]+ adducts 

respectively. Besides, an adduct [(M+O) + H]+ corresponding to the oxidized form of the click 

product was detected at m/z 693.14 Da, Figure 4-18. 

 

Figure 4-18: MALDI-TOF spectrum of PF linked to biotin-azide by click reaction. 
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Unnatural amino acids with triple bonds that are added into proteins during synthesis are 

typically used to introduce an alkyne functionality into a protein [274-276]. The copper-

catalyzed azide-alkyne cycloaddition procedure is subsequently used to attach these proteins to 

affinity probes [277-279]. This work used a different approach to insert alkyne-containing 

compounds into HRP. Simple hydroxycinnamic acid derivatives, such as propargyl coumarate, 

propargyl ferulate, and propargyl sinapate, were used in the earliest experiments. 

A similar technique to that utilized for HRP's self-labeling was applied to assess these probes' 

reactivity to HRP.  

 

Figure 4-19: MS/MS spectrum revealing the labeling of KZWW6 isoform of HRP with PC. Peaks in magenta 

(m/z 366.12 Da) corresponds to immonium ion of the labeled tyrosine. 

 

 

4.11.8. Peroxidase inactivation mechanism during phenol oxidation 

 

After the success of labelling of HRP with PC, the inactivation of HRP during the interaction 

with lignin monomer derivatives was addressed taking into consideration that specifically HRP 

are susceptible to progressive loss of activity in the presence of its indispensable substrate, 

H2O2, where they undergo a mechanism-based inactivation [280]. 

Although the prosthetic heme moiety's architectural conformation protects peroxidases against 

attack by reactive species, it is not a defense against radicals produced during the catalytic cycle. 

These species are capable of exerting diverse effects on the heme group or the protein moiety 

of the enzyme or can cause the heme group to produce irreversible modifications of the protein 

situated within the active region [281]. 
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For this purpose, different types of propargyled and non-propargyled lignin monomers were 

used, conditions were optimized, and HRP inactivation was studied. 

 

4.11.9. HRP is rendered inactive by the oxidation of its aromatic substrates 

 

Using kinetic analysis, the impact of phenolic substrates on HRP activity was discovered. 

Comparative analyses were conducted on control samples made of either HRP alone or HRP 

treated with H2O2, as well as samples of HRP treated with the phenolic substrate and H2O2 

Kinetic investigations were carried out utilizing the ABTS to measure the HRP residual activity. 

 

 

Figure 4-20: Inhibition of HRP under optimized proximity conditions 

 

In the presence of aromatic substrates called suicide substrates/inhibitors or mechanism-based 

inhibitors, peroxidases are inactivated through suicide. The catalytic and inactivation phases 

are followed by the enzyme's response with this kind of substrate [282]. Four distinct lignin 

monomer derivatives, PC, PF, PMC (propargyl methyl coumarate), and PMF, were used in the 

main studies to explore HRP inactivation (propargyl methyl ferulate). These two compounds' 

structures are depicted. 
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Within the first five minutes of treatment with propargyl comarate (PC) at a ratio of 1:17×103, 

HRP activity was reduced by almost 97%. Consequently, under these circumstances, the largest 

percentage of HRP activity reduction was seen. 

To further understand the mechanism of HRP inhibition, the effects of three other substrates 

(PF, PMF, and PMC) on HRP activity were also examined under the exact identical 

circumstances (HRP: phenolic compound 1:17×103). H2O2 was always supplied to the phenolic 

substrate in equimolar amounts. 

In order to mask the free hydroxyl groups, propargyl groups were added to the aromatic ring of 

coumaric acid and ferulic acid to create PMC and PMF, as shown in Figure 4-22. Almost 

minimal HRP activity reduction was noticed in the presence of PF (8% within 20 minutes). 

Within 5 minutes of the reaction when HRP was treated with PMC, practically all of the HRP 

activity was lost. 

 

Ferulic acid derivatives (PF and PMF) diminished the impact of H2O2. These results are 

consistent with Kim et al. research's which showed that ferulic acid therapy had no effect on 

the peroxidase. The amount of methoxy side groups on the aromatic ring was correlated with 

the absence of inhibition; more residual enzyme activity was seen as their number rose. In 

addition, protection of the enzyme against H2O2 was also noted in the presence of ferulic acid 

[248]. However, the PC and PMC coumaric acid probes had a suicidal impact on HRP. 

Figure 4-21 displays the percentage of HRP's residual activity after being exposed to 

monolignol derivatives and H2O2. 
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Figure 4-21: % Residual activity after treatment with PC, PF, PMC, PF, and H2O2 at a ratio of 1:17×103 for HRP 

to substrate. 

 

The proximity of HRP to its substrate is essential for HRP labeling to take place. Yet, the 

proximity influence is ignored under these diluted situations. In order to test HRP inactivation 

under proximity conditions, coumaric acid derivatives were used since they were the only 

substrates possessing inhibitory activity against HRP, Figure 4-22.  
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Figure 4-22: Modified lignin monomers 

 

To guarantee proximity between HRP and its substrates, the total reaction volume was 

decreased to 0.45 mL. An equimolar mixture (0.1 M) of H2O2, the phenolic substrates were 

dissolved in 11% DMSO for PC and 22% DMSO for the second coumaric acid derivative. HRP 

(1 mM) was then added to the mixture. The only coumaric acid probes employed were PC and 

PMC since they are thought to be the most reactive to HRP. 

As it was noted that HRP denaturation occurs at concentrations higher than 20% [283], the 

amount of DMSO was controlled at around 20% (% v/v), but serious effects on HRP structure 

appear at concentrations greater than 70% [284]. According to a different investigation, HRP 

was stable in the presence of 3.5 and 20% DMSO [285]. It is significant to note that DMSO had 

no impact on HRP activity in this investigation. Since there was no sign of activity reduction 

when HRP was treated without H2O2 with phenolic substrate that had been dissolved in DMSO. 

Nearly all activity was lost under these circumstances (HRP to substrate ratio: 1:1000) with PC 

(93%), whereas PMC (87%). Under the same circumstances, HRP was also used to react with 

two new substrates, methyl trans-p-coumarate (MC) and methyl propargyl coumarate (MPC). 

Treatment of HRP with MC and MPC caused activity reduction of 83% and 97%, respectively. 

Within the first five minutes of the reaction, a significant decline in HRP activity is shown when 

all of the coumaric acid probes are employed. Using probes containing the propargyl group, 

higher inhibition percentages were seen Figure 4-23. 
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Figure 4-23: Residual activity of HRP (0.1 mM) after being exposed to coumaric acid derivatives 

PC/MC/PMC/MPC (0.1 M) in 0.45 mL PBS, pH 7.4 in the presence of H2O2 (0.1 M). 

 

With each of these coumarate substrates, a decline in HRP's residual activity was seen. Indeed, 

HRP reactivity is significantly linked with the architecture of the contact between HRP and its 

substrate [286]. 

Coumaric acid derivatives failed to protect the enzyme from H2O2 inactivation, despite the fact 

that phenols can help in some cases. This suggests that phenoxyl radical coupling played a 

significant role in the loss of HRP activity. The loss of activity was not attributed to the 

inactivation of the enzyme by the reaction product.  

 

The absence of PC and MC polymers indicates that the inactivation of HRP was not inactivated 

by polymeric products that can obstruct its active site. When phenoxyl radical attack is 

presumed to be the cause of the enzyme inactivation, two potential paths should be considered. 

One involves the radical-radical interaction of phenoxyl radicals to generate dimers. The other 

involves covalent bonding to generate a complex between the enzyme and the oxidized phenolic 

molecule. The likelihood of a major decline in the enzyme's activity increases when the second 

pathway dominates the first one. 21 phenylalanine and 5 tyrosine residues may be found in 

HRP. These two aromatic amino acids can combine with phenolic compounds to produce 

complexes through covalent bonding [248]. 
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The kinetic investigation was conducted to provide quantitative data on the activity loss of HRP, 

however it was challenging to determine what changes in the structure of the enzyme are 

occurring. Consequently, additional evaluations are required. 

 

4.11.1. HRP polypeptide chain modification 

 

After the kinetic study, HRP was recovered from the reaction mixture of the samples assayed 

at less diluted reaction conditions (0.45 mL), HRP was precipitated from the reaction mixture 

using cold acetone. After precipitation, HRP was subjected to trypsin digestion. LC-MS/MS 

analysis revealed that only with PC and MC substrates modification of amino acid tyrosine 

TYR233/234 of the polypeptide chain of HRP took place, Figure 4-24. 

 

 

 

Figure 4-24: MS/MS spectrum showing PC tagging of the HRP KZWW6 isoform. Magenta-colored peaks (m/z 

366.12 Da) represent immonium ions from the tagged tyrosine. 
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4.12. Conclusion  
 

In this study, the major goal was to develop a strategy that involved lignin monomer derivatives 

that van be used as identifiers/inhibitors of lignification peroxidases. This was approached by 

examining how HRP behaved in the presence of phenolic substances, particularly lignin 

monomers. All of the tags created are intended to label plant peroxidases, allowing them to be 

identified, but they can also operate as inhibitors by covalently reacting with lignification 

peroxidases. This is a particularly promising feature for studies aimed at lignification inhibition. 

This technique could be used as a potential tool for molecular targeting and other applications. 

A unique strategy incorporating the two methods of proximity dependent biotinylation and click 

chemistry was developed. 

HRP was treated with unique lignin-derived substrates that have a clickable moiety intended to 

isolate target proteins when clicked to biotin. These substrates were divided according to their 

structure into three categories, (i) possessing a free hydroxyl group’s non-propargylated, (ii) 

propargylated having a free hydroxyl group, (iii) propargylated but having no free hydroxyl 

group. These probes were made specifically to provide HRP identifiers and inhibitors with 

enhanced features that allow for the identification of the enzyme's target location. 

When H2O2 and phenolic substrates are present, HRP is known to be inhibited. H2O2 did not 

have a suicidal effect on HRP activity, but it did increase as the reaction volume shrank. As this 

inhibitory action increased in the presence of aromatic compounds, it is likely that additional 

mechanisms contribute to the inactivation of HRP during phenolic compound oxidation. 

Propargyl coumarate and methyl trans-p-coumarate were two lignin-derived probes that could 

bind HRP, however they did so with varying degrees of efficiency, specificity, and potency. A 

kinetic analysis revealed that the residual activity is reduced when propargylated substances are 

present. 
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5. CHAPTER FIVE: CHEMICAL ACTINOMETRY 

 

5.1. Introduction  
 

UV irradiation is an efficient method for destroying the virus lipidic membrane but is also 

permit to access to other biological materials. Therefore, there is a strong demand to measure 

radiation intensities as accurately as possible in biological fluids. The external measurement of 

the irradiating light source, only gives approximate values as the material of which disposable 

devices are constituted, have very different transmission in function of the wavelength of the 

light source. Recently, our laboratory has developed an actinometry protocol in microreactors 

by flow chemistry based on the isomerization pathway to convert E-azobenzene by light to the 

Z isomer. It is known that the Z-azobenzene isomer is stable enough to allow determining the 

E, Z ratio by NMR. Unfortunately, the commercial azobenzene is practically insoluble in water. 

Thus, the aim of this project was to apply this actinometric protocol with a synthetic water-

soluble azobenzene derivative in a photo-microfluidic reactor in order to measure accurately 

the photon flux of an UV lamp irradiating a blood bag. In addition, in this work, we optimize 

the actinomteric protocol in order to have the highest Z/E ratio at the photo-stationary state. 

This work will be a part of a project carries out by the Macopharma pharmaceutical industry in 

which the research department focus on the treatment of several diseases such as diabetes by 

using UV irradiation. With the apparition of new aerobic viruses like the Sars Covid 2, it is 

important to develop the new process of treatment and disinfection. Indeed, the Macopharma 

research department conduct the development of a new process of UV irradiation against viral 

infections such as the UVC in order to protect plasma and platelet units from virus infection, 

bacteria and with UVA for treating diabetes or graft rejection.  
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5.2. Determining the exact amount of light necessary to inactivate a blood 

component 
 

Due to the high rate of skin cancer development over the past few decades, UV has acquired a 

negative reputation in our society. In fact, UV exposure is the cause of more than 90% of skin 

cancers, with the exception of melanoma [287]. On the other hand, exposure to UV rays has a 

number of advantages. The most well-known is that they are the origin of the D hormone, 

calcitriol, which is produced in human bodies. Additionally, UV radiation has been used 

successfully since the 1940s to treat diseases like diabetes and pneumonia. And more recently, 

it has been demonstrated that treating blood with UV is an effective way to cure viral illnesses 

like Ebola or SARS-CoV-2 [288]. In fact, certain viruses can be rendered inactive by UV light 

irradiation by creating radical molecules like hydroxyl. 

These UV treatments must now improve their accuracy in order to treat both old and new 

diseases more effectively and safely. One recent instance is the UV sterilization treatment given 

to the SARS Covid-2. Because the goal is to eliminate the viruses with UV in the transfusion 

blood without denaturing important molecules like proteins or peptides by a UV irradiation 

with a too high intensity, an appropriate irradiation is necessary [289]. 
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Figure 5-1: Machine for UV blood irradiation from Macopharma [289] 

 

In the fields of biotherapy and blood transfusion research and innovation, Macopharma is a 

major participant. They create UV irradiation as a method to get rid of bacteria and viruses in 

plasma and platelet single-use bags. The photopheresis procedure was created by Macopharma 

and involves exposing harvested cells to UVA radiation in order to treat diabetes or transplant 

rejection. They created their own equipment to irradiate blood bags, as shown in Figure 5-1. 

Macopharma found the actinometric protocol developed by the MSAP laboratory in the 

literature, and it got in touch with them to work on a method of regulating UV light intensity so 

that this protocol could be used to routinely control UV treatment of blood bags. 

 

5.3. Chemical actinometers 
 

Chemical actinometers are substances that undergo chemical transformations such reduction, 

isomerization, and decomposition when exposed to radiation of a particular wavelength. The 

actinometers are preferred to be used for standard measurements of light energy even if they 

appear to behave similarly to other photosensitive compounds. The IUPAC [290] provided a 

list of characteristics that effective chemical actinometers possess in 2004. 

- The actinometer is readily accessible in stores and is simple to use. 
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- The photochemical process should be as straightforward as possible and easily observable 

using spectroscopic methods. 

- The actinometer has undergone extensive research, and the literature provides quantum yield 

values for the used wavelengths. 

 

5.4. Overview of chemical actinometers examples  
 

A lot of chemical actinometers are extensively described in literature. Uranyl oxalate 

actinometer UO2
2+ is used as a photosensitizer for the decomposition of the oxalate into CO, 

CO2 and H2O [291, 292]. This actinometer was subsequently swapped out with a ferrioxalate 

actinometer since titration of the residual oxalate ions will result in the loss of the reactant.  

Then Ferrioxalate actinometer Fe(C2O4)3
3- is used in the UV and the Visible range. The 

ferrioxalate will break down after exposure to radiation, producing free ferrous ions, the 

reaction is monitored by measuring the amount of the liberated Fe2+ ions following their 

complexation with phenanthroline. Keep in mind that only the ferrous ions that have undergone 

irradiation's breakdown can complex with phenanthroline [293, 294].  

One of the SCN groups of Cr (NH3)2(SCN4)
 - or Reinecke's salt is photo-substituted by water 

when it is irradiated at a wavelength between 317 and 730 nm. The released SCN- is complexed 

with ferric nitrate to produce a red-blood complex with a maximum wavelength of 450 nm [295, 

296], which is used to monitor the reaction. Due to the potential for hydrogen cyanide to be 

released, this actinometer's use is restricted. 

The other category of actinometers, referred to as photochromic actinometers, includes 

substances like Fulgide Aberchrome 540 and Azobenzene that can change reversibly between 

two forms when exposed to light [297]. The benefit of these actinometers is that the 

photochemical change is reversible, making it simple to recreate the starting material. 

Based on all the actinometers described in literature, our group has chosen to use the 

azobenzene as an excellent option for the chemical actinometry of our microfluidic system since 

our photoreactions in the UV region are usually done at λ = 365 nm and the azobenzene absorbs 

at this wavelength. 
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5.5. Azobenzene 
 

A diazene derivative with two phenyl groups is azobenzene, chemical formula C12H10N2. It is 

regarded as a straightforward photo-switchable molecule that has Trans (E) and Cis (Z), two 

distinct structural isomers (Figure 5-2). 

 

Figure 5-2: The structure of E and Z azobenzene 

 

As the (Z) isomer is less stable than the (E) isomer [298], was first identified by Hartely in 1937 

as a solution to a problem with the repeatability of the UV/Vis spectrum of the (E) form after 

being exposed to light. This publication was the first that documented the azobenzene's cis-

trans photoisomerization [299]. 

 

5.6. MSAP laboratory state-of-the-art: Nassim El Achi's PhD thesis 
 

Nassim El Achi worked on an actinometric procedure for photo-microfluidic systems during 

her thesis [300]. The objective was to measure a UV lamp's photon-flux by shining UV light 

through an azobenzene solution. This approach was developed to estimate the amount of 

photons released more precisely than just taking a physical measurement at the microreactor's 

exterior. A wide range of applications and azobenzene's solubility in organic solvent led to its 

selection as a chemical actinometer. 

 

Figure 5-3: Azobenzene isomerization reaction 
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Figure 5-4: Evolution of the E and Z isomers during the radiation period [300] 

 

In fact, irradiation on a broad range between 180 nm and 540 nm can be used to carry out the 

reaction of isomerization of the azobenzene [301], E-azobenzene is isomerized into Z-

azobenzene on the one hand, but Z-azobenzene is isomerized into E-azobenzene on the other. 

Consequently, azobenzene reaches a Photo Stationary State (PSS) (Figure 5-4), and if it isn't 

spontaneously exposed to UV or visible light, it slowly undergoes thermal isomerization to 

restore its most stable shape. 

For the purpose of calculating photon flux, the PPS parameter is crucial. According to El Achi's 

research, which is based on a work by Zimmerman et al., we were able to generate Equation 2, 

a straightforward first order kinetic equation, by performing a kinetic monitoring of the 

irradiation of the azobenzene using Equation 1 and the Beer Lambert and Fresnel laws 

[302].This equation can be expressed as Equation 3, where k is a coefficient combining all the 

coefficients except the IPhoton, given the quantum yield and the extinction coefficient for the E 

isomer. She derived a linear relationship by graphing ln (ZPSS-Zt) vs time as seen in Figure 5-5.  
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Figure 5-5: Graph of ln (ZPSS-Zt) vs time (s) 

 

And using the linear coefficient, she was able to isolate the parameter IPhoton since all the other 

parameters were known. This coefficient relates the amount of light that the solution absorbs 

per unit surface area. We must multiply this IPhoton by the energy of 1 mole of photons (327500 

J) in order to obtain the photon flux (equation 4): 

𝑑[𝑝ℎ𝑜𝑡𝑜𝑖𝑠𝑜𝑚𝑒𝑟]

𝑑𝑡
= 𝜑

∆𝐼

𝑉
           (1)  

 
𝑑[𝑍𝑃𝑆𝑆−𝑍]

𝑑𝑡
=

𝐼𝑃ℎ𝑜𝑡𝑜𝑛 ln 10𝜑𝐸𝜀𝐸

𝑍𝑃𝑆𝑆
[𝑍𝑃𝑆𝑆 − 𝑍]         (2) 

 
𝑑𝑍

𝑑𝑡
= 𝐼𝑃ℎ𝑜𝑡𝑜𝑛 × 𝑘 × [1 −

𝑍

𝑍𝑃𝑆𝑆
]          (3) 

𝑄 = 𝐼𝑃ℎ𝑜𝑡𝑜𝑛 × 327500           (4) 

 

5.7. The target of azobenzene 
 

We must carefully select the azobenzene to be manufactured in order to meet the Macopharma's 

requirements, which are to employ the actinometric technique of Nassim El Achi in a biological 

fluid. The azobenzene must first be water soluble. It will be able to form strong interactions 

with water molecules, such as hydrogen bonds, due to the presence of polar groups, which will 

make the molecule stable in water. Additionally, the inclusion of electron-donor groups would 

increase the formation of hydrogen bonds between the azobenzene rings and water by bolstering 

the pi network of the azobenzene ring [294].  
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The quantity of Z isomer present at PSS is the second factor to be considered. In fact, a high 

ZPSS indicates a significant difference between the E and Z isomer signals in the NMR spectra. 

When using the actinometric procedure, we will measure the integration of very low signal 

intensity if, for instance, the ZPSS is around 1%, which raises the uncertainty. So, with a correct 

ZPPS, we will be able to perform precise measurements. 

The ratio of the two molar extinction coefficient isomers is the final crucial factor in selecting 

an azobenzene. A high ratio is associated with a slower thermal isomerization that results in a 

longer Z-life time, according to a study by Ahmed Z et al. [295]. Using NMR spectra, we can 

compute the proportion of Z isomer to get the highest ratio and longest Z lifetime achievable. 

A list of derivative azobenzenes along with their Z lifetimes are shown in Table 5-1. Several 

compounds with extended Z lifetimes (41.8 h for compound 1 monofluorinated and 430 h for 

compound 3 difluorinated) (Figure 5-6) and high ZPSS (93% and 94%, respectively) are reported 

in this article [303]. The disadvantage was the multistep synthesis needed to obtain 

fluorophenols. Due to its favorable qualities, we consulted our bibliography on related 

azobenzene. 

 

Figure 5-6: Molecule of interest 1 and 3 

 

Table 5-1: Spectral and photochemical characteristics of several azobenzene types 
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5.8. Isomerization of water soluble azobenzene  
 

Based on the work of C. Brown et al [304]. The solubility of the azobenzene with fluorine in the 

4 and 6 ortho positions and a methoxy group in the 3' para position is 0.06 mM for the E isomer 

and 1.2 for the Z isomer (Figure 5-7). Comparatively, the solubility of commercial azobenzene 

is 0.02 mM for E and 0.65 mM for Z. The paper discusses a solubility equilibrium and the 

quantity of Z isomer present at the PSS. Using an NMR measurement, they discovered a Z/E 

isomer ratio of 1.2, or 54.5% Z isomer. We should be able to operate effectively with this 

azobenzene derivative with a ZPSS higher than 54.5%.  

 

Figure 5-7: Isomerization reaction of the water soluble azobenzene 

 

5.9. Preliminary photochemistry experiments  
 

5.9.1. Importance of mixing 

 

The actinometric protocol established by MSAP laboratory employs a number of 

approximations to estimate the photon flux under conditions where equation 2 holds true. One 

of these is the approximate flow in the micro reactor since the mixing in a cylindrical tube can 

be laminar or turbulent depending on the flow rate of the mixture and the value of Reynold’s 

number Re (Figure 5-8). Because in the case of laminar flow, the first layer of solution absorbs 

the most photons, making the irradiation non-homogeneous; nevertheless, the subsequent layer, 

and in particular the center to the top of the tube, absorbs less photons. On the other hand, a 

turbulent flow would result in a homogeneous solution and make the photon absorption equal 

across the reactor. 
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Laminar flow, Re <2100 Turbulent flow, Rey>4200 

Figure 5-8: difference irradiation according to the nature of the flow 

 

To determine the type of flow used we have to calculate the Reynolds number (Re) based on 

the equation 6. The diameter of the tubing and the velocity both affect the Reynolds number. 

The Reynolds number increases as the flow rate increases. Additionally, the Reynolds number 

decreases as the diameter increases. In a cylindrical channel, if Reynold's number is less than 

2100, the flow will be laminar (Figure 5-8), in which the fluid flows in parallel layers without 

interruption [305, 306]. In contrast, when Re is between 2040 and up to 4000, the flow regime 

will be turbulent flow. In the two equations 3 and 5, the constant k in equation 3 corresponds to 

the approximation that the flow is turbulent, on the other side in equation 5 a new parameter 

was integrate called k' represents the non-approximate case which’s the laminar flow. 

 

𝑑𝑍

𝑑𝑡
= 𝐼𝑃ℎ𝑜𝑡𝑜𝑛 × (𝑘 − 𝑘′ × 𝐼𝑃ℎ𝑜𝑡𝑜𝑛) × [1 −

𝑍

𝑍𝑃𝑆𝑆
]       (5) 

𝑅𝑒 =
𝑄×4

𝜈×𝐷×𝜋
           (6) 

Re (Reynolds number); V (average velocity); d (hydraulic diameter of the channel); μ (viscosity). 

 

5.10. Materials and methods  
 

5.10.1. Materials  

 

The compounds used in this work are: azobenzene, difluoroaniline, Phenol azobenzene and 

dimethyl sulphate as well as the matrix dihydroxybenzoic acid (DHB) for MALDI-TOF mass 

spectrometry analysis have been purchased from Sigma-Aldrich®. All products used had a 

purity of ca. 98-99% and were all used as received.  

The deuterium solvents used for 1H NMR analysis C2NCD3 (deteurated acetonitrile) and CDCl3 

(deuterated chloroform) from Eurisotop. The solvent used for silica gel separation: 

dichloromethane (DCM), ethyl acetate, petroleum ether, chloroform are of technical grade. 
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5.10.2. Photo microfluidic reaction of (E)-Azobenzene 

 

The microflow reactor was made from fluorinated ethylene propylene (PTFE) tubing (i.d=0.8 

mm, length 6 m, Cluzeau Info Labo (C.I.L.), Sainte-Foy-La-Grande, France) powered by a 

Corning KP-22 pump as shown in Figure 5-9. The volume of the tubular reactor was estimated 

to be 3 mL that are exposed to the UV-light at wavelength of 365 nm or 395 nm. We used 

acetonitrile and water as a solvent. 

𝑉 = 𝑙 × 𝑅2 × 𝜋   

l: length of the tube R: Radius of the tube 

 𝑉 = 6 × (
8

2
)2 × 𝜋 = 3 𝑐𝑚3 

 

 

 

 

 

 

 

 

Figure 5-9: Set-up for photo microfluidic reaction 

 

5.10.3. NMR measurements 

 

Proton and Fluor magnetic resonance spectra (1H NMR and 19F NMR) were recorded on a 

Bruker AVANCE 300 spectrometer using tetramethylsilane (TMS) as the internal standard. 

Chemical shifts, δ, are given in ppm and coupling constants in Hz. 1H NMR data are reported 

as follows: chemical shift, multiplicity (s = singlet, d =doublet, t = triplet, tt = triplet of triplets, 

td = triplet of doublets, dd= doublet of doublets, m = multiplet), coupling constants and 

integration. 

 

5.10.4. Synthesis of deriveated fluorinated azobenzene  
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We tried different way to synthesize the water soluble azobenzene that will be described 

further.  

5.10.4.1. Oxidative coupling pathway  

 

Based on the work of De Souza et al [307]. Who have produced a number of couplings of 

derivative azobenzene, the target product was obtained with a good yield using aqueous 

conditions and without metal catalyst. 

 

Figure 5-10: Synthesis of (E)-1-(2,6-difluorophenyl)-2-(4-methoxyphenyl) diazene 

 

(E)-1-(2,6-difluorophenyl)-2-(4-methoxyphenyl) diazene: Hydrochloric acid was mixed with 

4-methoxyaniline (0.5 mmol) and difluoroaniline (1.5 mmol) (1 mL, 2.5 M). Sodium 

hypochlorite solution (8 mL, 5% w/w) was added dropwise to the reaction mixture. At 1150 

rpm, the reaction medium was agitated for 5 hours. 50 mL of EtOAc were used to quench the 

reaction mixture. The organic layer was concentrated by evaporation after being dried with 

anhydrous MgSO4. A proportion 95:5 of Hexane/EtOAc was used in a column chromatography 

to purify the crude product. 

 

5.10.4.2. Electrophilic substitution and methylation pathway  

 

This strategy is the second way to synthesis the derivative azobenzene and it is divided in two 

steps.  

The first step is the electrophilic substitution which based on the works of Lishan Li and al 

[308]. 

 

 

 

 

 

Figure 5-11: Synthesis of (E)-4-((2,6-difluorophenyl) diazenyl) phenol 
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Phenol azobenzene: difluoroaniline (0.05 mol) was added in 15 mL of hydrochloridric acid (12 

M) and 30 mL of water. The reaction mixture was stirred for 30 mins at room temperature and 

cooled to 0°C. Then, sodium nitrite was dissolved into 100 mL of water and added slowly to 

the reaction mixture. The reaction medium was agitated for 30 mins and then it was added 

slowly to a solution of phenol (0.05 mol) dissolved in sodium hydroxide (5 g, 125 mL) at 0° C. 

During the adding of the salt diazonium solution, the pH was maintained between 9 and 10 with 

sodium carbonate solution (50 g in 400 mL of water). The reaction mixture was stirred 

vigorously during 1 h at 0°C, then at room temperature during 12 h. After that hydrochloric 

acid solution (1 M) was added in order to attempt a pH between 5 and 7. The reaction mixture 

was left to decant and the precipitate is purified by column chromatography. 

The second step is the methylation; two ways of synthesis were used, firstly using dimethyl 

sulphate like methyl-donor. 

 

 

Figure 5-12: Synthesis of (E)-1-(2,6-difluorophenyl)-2-(4-methoxyphenyl) diazene 

 

Water-soluble azobenzene: Phenol azobenzene (500 mg) was dissolved into 10 mL of DMF. 

Potassium hydroxide (254 mg) was added slowly. Then, dimethyl sulphate (620 µL) was added 

slowly and the reaction mixture was stirred for 15 h at 80°C. The organic layer is dried with 

MgSO4 and concentrated in vacuum. The crude product is purified by C18 column 

chromatography (gradient H2O/ACN). The 1H NMR spectrum analysis shows that the target 

product was not obtained; therefore, another pathway reaction was carried out in order to 

produce the methylated azobenzene. 

In this case, the second trial which gave the good results was described below:  
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Figure 5-13: synthesis of (E)-1-(2,6-difluorophenyl)-2-(4-methoxyphenyl) diazene 

 

Water-soluble azobenzene: Sodium hydride (2.385 mmol) was added into 15 mL of anhydrous 

pentane. The reaction mixture is stirred 3 min and was left to decant to remove pentane 

(repeated five times). Then, the sodium hydride is dissolved into 7 mL of ACN. Phenol 

azobenzene (2.385 mmol) was dissolved in 2.5 mL of ACN and added dropwise to the reaction 

mixture, at 0°C. Iodomethane was solubilised into 2.5 mL of ACN and added in the reaction 

media. The reaction mixture is stirred overnight at room temperature. The reaction was 

quenched with 2.4 mL of acidic water (0.1% formic acid), and 2.4 mL of DCM was added. The 

organic layer is dried by MgSO4 and the solvent was evaporated. The crude product is firstly 

purified by C18 column chromatography (gradient H2O/ACN) then purified by column 

chromatography (silica gel, Chloroform). 

 

5.10.5. Experimental Actinometric Measurements 

 

The main goal of our work is to establish a set technique for azobenzene and WSA based 

chemical actinometric research in microfluidic systems. A number of variables were evaluated: 

- The ratio of moderately concentrated solutions  

- The type of solvents. 

- The type of UV LED used: (365 nm, irradiance up to 250 mW.cm-2) Omnicure® AC475 

model from Lumen Dynamics (Mississauga, Canada) (HP LEDs B). The power of this UV LED 

can be changed, power used: 90 mW.cm-2 or using a UV light 395 nm. 

The variable conditions performed are summarized in Table 5-2. The prepared solution of 

azobenzene or WSA was injected at various flow rates into the microfluidic system that was 

illuminated by the UV LEDs and kept at a constant temperature with a concentration of 6.4 

×10-4 mol/L. 
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Table 5-2: Summary of the experiments done for the chemical actinometric assessment 

Entry reactant solvent Wavelength nm 

1 AZO 

10:90 

Ethanol/water 

395 

2 AZO 

10:90 

Ethanol/water 

365 

3 WSA Acetonitrile 395 

4 WSA Acetonitrile 365 

5 WSA 

10:90 

Ethanol/water 

395 

6 WSA 

10:90 

Ethanol/water 

365 

 

Every irradiation solution's Z and E component composition was determined by first employing 

a rotary evaporator to evaporate the solvent, then dissolving the residue in 500 µL of CDCl3 or 

CD3CN before injecting it into the NMR spectrometer. Utilizing the 1H spectrum, the degree of 

conversion was determined by integrating the peaks for the Z and E isomers. The peaks that 

correspond to the various isomers could be easily differentiated, proving that NMR is a superb 

and efficient method of analysis.  

A sample was exposed to radiation for a prolonged period of time in order to assess the 

composition at the PSS. The literature was consulted to find the quantum yield values for each 

solvent and cited in the table below [297].  
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Table 5-3: Physical constants used for calculations 

 

 

 

5.11. Results and discussions 
 

5.11.1. Actinometric protocol for the azobenzene 

 

In this work, we decided to work at the beginning under the same conditions of Nassim el Achi 

works but with little changes. In fact, she used a thermostat in addition to a particular micro-

reactor for UV- irradtion and she got a ZPSS of 20.8%. It was predicted that the ZPSS would 

change slightly because we employed a different setup. Azobenzene solutions (6.4×10-4 mol/L 

in acetonitrile) were produced and injected into the microreactor while being exposed to UV 

light 395 nm for 2 h. The values of each Z proportion obtained are calculated based on the NMR 

spectra shown in Table 5-4 using this formula.  

%𝑍 =  
𝐼𝑧

𝐼𝐸 + 𝐼𝑍
 

 

 

Table 5-4: Results for the conversion (Z) – Azobenzene 

Type of pump Q (min/mL) ZPSS (2 replicates) 

Syringe pump 0.05 18.75 

HPLC pump 0.05 18.40 

HPLC pump 

(recycling) 
10 19.10 
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The next phase involved doing a number of photo-experiments with various irradiation periods 

ranging from 18 s to 277 s (Table 5-5). And based on these results we can plot ln (ZPSS-Z) with 

time to determine the photon flux (Figure 5-14). In order to determine the photo flux, we 

supposed that we reached, in our conditions, a ZPSS of 22.5%.  

 

Table 5-5: Irradiation of E – Azobenzene for different durations 

Flow rate 

(mL/min) 

Irradiation 

time (s) 
% Z- azo Ln (ZPSS-Zt) 

10.0 18 5.8 -1.79 

7.5 24 10.6 -2.13 

5.0 36 14.9 -2.58 

2.50 72 16.9 -2.89 

1.25 144 20.9 -4.12 

0.65 277 22.4 -6.81 
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Figure 5-14: Graph of ln (ZPSS – Zt) vs time (s) following the irradiation 

 

 

5.11.2. Calculation of Photon Flux emitted by the UV LEDs 

 

A linear relationship is seen in the corresponding graph, and the correlation coefficient is high 

(0.99) and the slope (0.0173 s-1) is the constant w, will be used to calculate the irradiance of the 

light (Iphoton) inside the microreactor. 

𝑑[𝑍]

𝑑𝑡
=

𝐼𝑃ℎ𝑜𝑡𝑜𝑛 ln 10 𝜑𝐸𝜀𝐸

𝑍𝑃𝑆𝑆
[𝑍𝑃𝑆𝑆 − 𝑍] 

Where 𝑊 =
𝐼𝑃ℎ𝑜𝑡𝑜𝑛 ln 10𝜑𝐸𝜀𝐸

𝑍𝑃𝑆𝑆
  

 

Consider y = ZPSS - Z,  

 

Integrating Equation, will finally give equation ln 𝑦 = −𝑤𝑡 + 𝑐𝑜𝑛𝑠𝑡𝑎𝑛𝑡  

So, plotting the graph of ln y vs. time will exhibit a linear relationship whose slope will be used 

to determine the value of I0. With  

ZPSS = 0.225,  

εE of acetonitrile = 277 (L.mol-1.cm-1) 

ΦE = 0.15 

Iphoton = 4.07×10-3 ein.s-1.m-2.  

y = -0.0173x - 1.6858
R² = 0.992
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Ephoton = NA×hc/𝜆 = 6 × 1023 6.63 × 10-34 × 3 × 108/ 395 × 10-9 = 326959 J 

𝑄𝑖𝑛𝑠𝑖𝑑𝑒 𝑒𝑥𝑝 = 𝐼𝑃ℎ𝑜𝑡𝑜𝑛 × 𝐸 

𝑄𝑖𝑛𝑠𝑖𝑑𝑒 𝑒𝑥𝑝 = 1331 𝑊. 𝑚−2 

Now that the calculations have been verified and the outcomes of the Nassim approach and our 

method have been compared, the values are fairly similar even when using a different 

microfluidic system and a different type of UV lamp. We can move on to the next step, which 

entails using same process but this time using water-soluble azobenzene to match the 

requirements of Macopharma bags.  

 

5.11.3. Water soluble azobenzene  

 

For the first trial to synthesis the WSA using the oxidative coupling, after the reaction a dark 

black liquid was produced and after a purification on chromatography column using 

hexane/ETOAc; 95:5, the 19F NMR spectrum showed there is no signal correspond to the target 

product, meaning that the self-coupling of p-anisidine was obtained instead of the cross 

coupling.  

         

HCl, NaOCl

25 °C, 6 h

 

 Thus, we shifted to the second way. The crude product obtained after the first step (electrophilic 

substitution) was purified by a chromatography column (100% Chloroform) and 1.893 g of 

product was obtained, which corresponds to a yield of 16%. The azobenzene phenol: 1H NMR 

(300 MHz, CD3CN, ppm): Hc δ = 7.84 (d, 2H), Ha 7.43 (m, 1H), Hb 7.16 (t, 2H), Hd 7.01 (d, 

2H). 

After that, we must to do the methylation, the dimethyl sulfate methylation has been 

documented in multiple articles with good yields, but in our experiment, it didn’t work. 

Contrarily, the second reaction using iodomethane worked effectively and 243 mg of WSA has 

been obtained, which corresponds to a yield of 41%. NMR analysis confirmed the synthesis of 
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WSA: 1H NMR (300 MHz, CD3CN, ppm) (Figure 5-15): Hc δ = 7.90 (d, 2H), Ha 7.45 (m, 1H), 

Hb 7.15 (t, 2H). 19F NMR (282 MHz, CD3CN): δ = -124.08 (Figure 5-16). 

E-WSA was predominantly synthesized but the signals of the Z-WSA was also observed. The 

methyl signals make it possible to calculate how much of each produced isomer there is. 

 

Figure 5-15: 1H NMR of water soluble azobenzene 

 

Figure 5-16: 19F NMR of water soluble azobenzene 

 

 

5.11.4. Actinometric protocol for the water soluble azobenzene 

 

Several solutions of WSA (6.4×10-4 mol/L in acetonitrile) was prepared and injected into the 

microreactor, the WSA solution was irradiated during 1h and 2h with an UV lamp of 395 nm, 

in order to discover the behavior of the WSA under UV light.  

As it’s shown in Table 5-6, for 1h of irradiation, a conversion of 42.8% was attempted, which is 

more than any irradiation of the classic azobenzene. Afterwards, this same experiment has been 

repeated but in 10:90 ethanol/water to improve the solubility of the product. All percentages 

are calculated using this formula. 
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%𝑍 =  
𝐼𝑧 − 𝑂𝐶𝐻3

𝐼𝐸−𝑂𝐶𝐻3 + 𝐼𝑍−𝑂𝐶𝐻3
 

Table 5-6: Results for the conversion (Z)-WSA 

Entry solvent irradiation time flow rate 
% Photostationary 

state 

1 acetonitrile 1 h 1 ml/min 42.9 

2 acetonitrile 2 h 0.05 ml/min 44.2 

3 water 1 h 1 ml/min 42.7 

 

 

In order to study the thermal isomerization of the WSA, we exposed all of the NMR tubes from 

each experiment—WSA 1, 2, and 3—to UV radiation before exposing them to visible light for 

36 hours. Table 5-7 shows that each compound has increased its proportion of (Z)-WSA, which 

was unexpected because we expected to acquire a smaller proportion of (Z)-WSA with thermal 

isomerization than following irradiation. Brown et al. claim that the Z isomer is more soluble 

than the E isomer, especially in aqueous solution and that this difference could tip the Z-E 

equilibrium in favor of the Z isomer [9].  

 

Table 5-7: Evolution (Z)-WSA after rest time 

Number of 

experiments 

Conversion after 

irradiation 

Time of rest Proportion of 

(Z)-WSA 

WSA 1 42.9 12 h 42.9 

WSA 2 44.2 12 h 44.2 

WSA 3 42.7 12 h 42.7 
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After having these results, the goal was to test this actinometric protocol in a bag with 

parameters comparable to the blood bags of MacoPharma, while respecting the actinometric 

protocol. So we did some experiments in plastic bag with a thickness of 2 mm with azobenzene 

and WSA in water (6.4×10-4 mol/L) under UV light at 365 and 395 nm. To collect our product 

from water after the irradiation, we did an extraction using chloroform or DCM because we 

should not do evaporation for the product to remain stable. As shown in Table 5-8, we achieved 

the best conversion of (Z) which’s 66% with WSA under UV light 365 nm. The outcomes for 

azobenzene are comparable to those in flow that we previously attained. ZPSS is always higher 

at 365 nm than at 395 nm. 

 

Table 5-8: Results for the conversion (Z) in the plastic bag 

Entry Irradiation time Solvent  nm 
%Photostationary 

state 

azobenzene 1 h 
10:90 

ethanol/water 
395 17.5 

azobenzene 1 h 
10:90 

ethanol/water 
365 25.7 

WSA 1 h 
10:90 

ethanol/water 
395 31 

WSA 1 h 
10:90 

ethanol/water 
365 66 

 

 

Figure 5-17: 1H NMR of WSA under =365 nm 

 

Finally, we repeated the same experiments but in blood bag of MacoPharma, we irradiated the 

azobenzene and WSA using different concentration (6.4×10-4 mol/L and 6.4×10-5) in their tow 

machines UVA and UVC.  
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Table 5-9: Results for the conversion (Z) in the blood bag 

Entry Type of machine Solvent Concentration 
%Photostationary 

state 

azobenzene UVC 
10:90 

ethanol/water 
6.4×10-5 60 

azobenzene UVA 
10:90 

ethanol/water 
6.4×10-5 64 

WSA UVC 
10:90 

ethanol/water 
6.4×10-4 42 

WSA UVA 
10:90 

ethanol/water 
6.4×10-4 59 

WSA UVC 
10:90 

ethanol/water 
6.4×10-5 46 

WSA UVA 
10:90 

ethanol/water 
6.4×10-5 50 

 

 

These results show that both with UVA and C the photostationary state is reached with the 

normal irradiation time of the Macopharma illumination devices, we obtained as we have 

expected the high values of Z/E ratio in short time around 30 s and 5 min respectively. For UVC 

(280 nm) a conversion of 60% is expected but surprisingly for the azobenzene the 64% 

conversion in UVA (365 nm) is too high in comparison to the previous values obtained under 

the same conditions of light and concentration, this high value is due to the polychromatic 

nature of the UV source.  

To solve this problem, we chose to change the machine's radiant energy for UVA while 

conducting a kinetic investigation on the isomerization of WSA at various durations, ranging 

from 32 seconds to 300 seconds. However, this is not the case for UVC because we were unable 

to alter either the duration of the exposure or the radiant energy using this device, therefore we 

attempted to alter the thickness by varying the volume of the solutions in the blood bags. 
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Table 5-10: Results for the conversion (Z) in the blood bag ( second trial ) 

Entry Irradiation time (s) 
Radiant energy 

(J) 
Type of device 

% Photostationary 

state 

1 32 0.1 UVA 59.0 

2 60 0.2 UVA 53.0 

3 106 0.4 UVA 52.9 

4 149 0.6 UVA 52.7 

5 193 0.8 UVA 51.9 

6 300 1.0 UVA 50.0 

WSA 235 ml 30 _ UVC 37.8 

WSA 600 ml 30 _ UVC 37.0 

WSA 900 ml 30 _ UVC 39.0 
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Figure 5-18: Graph of ZPSS vs radiant energy (J) following the irradiation of 6.4×10-5 M WSA in ethanol/water 

 

As can be seen from the results in the table above, for UVA we didn’t get a straight line as in 

the case of azobenzene and WSA with our lamps even after lowering the concentration of the 

solutions in order to decrease the intensity of light on the product. As a result, we had to either 

use a filter to purify the light and resolve the lamp’s polychromaticity issue or conduct 

additional research that would allow us to work more on the concentration instead of the light 

of lamps, because in our situation we cannot work with lower concentration. For UVC we didn’t 

see a significant difference in the values because the settings were so constrained. 

 

5.11.5. Pyridine actinometer  

 

Two other actinometers were developed by Dulin and Mill [309] based on the 

photonucleophilic substitution of excited state nitrobenzene derivatives by pyridine. The 

quantum yields can be adjusted by varying the pyridine concentration, opening up a wide range 

of experimental time scales. Environmental photochemists have used the actinometers p-

nitroanisole/pyridine (PNA-pyr) and p-nitroacetophenone/pyridine (PNAP-pyr) widely. PNA-

pyr is used more frequently than PNAP-pyr. The basis for PNA-pyr is substitution of pyridine 

for the methoxy group in excited state PNA. 
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5.11.5.1. Pyridine Dependence of PNA-pyr Quantum Yield 

 

Laszakovits et al. [310] investigate the relationship between the pyridine concentration 

dependence of the PNA-pyr quantum yield and compare the photon irradiance values calculated 

by PNA-pyr at various wavelengths, and they propose a updated equation for concentration 

dependence of pyridine in order to ameliorate the quantum yield established by Dulin and Mill.  

They performed different experiments using a wide range of pyridine concentrations 10, 12.5, 

or 15 mM with 10 μM PNA. All of the experiments for these articles were conducted in a quartz 

test tubes (1 cm) or between 1 and 3 mL in a 1 cm quartz cuvettes. PNA's irradiation periods 

were adequate to accomplish at least 15% elimination, which was measured by HPLC. 

 

Figure 5-19: Pyridine concentration dependence of PNA-Pyr photolysis quantum yield 

 

Pyridine concentration-dependent PNA-pyr photolysis quantum yield, was calculated using the 

formula mentioned. Dulin and Mill's Φ = 0.44[pyr] + 0.00028 is shown as a red dashed line. 

The white circle represents rate constants that were established using recrystallized PNA in this 

study (Laszakovits works). Φ = 0.29[pyr] + 0.00029, where [pyr] is the molar concentration of 

pyridine, is the line that best fits the data (black dashed line) Figure 5-19. 

However, in our research, we must use our microflow system to implement the identical 

actinometer methodology as these two studies. Our ultimate goal is to calculate the quantum 

yield using the more straightforward method (using NMR spectra), so in order to try this, we 

decided to replace PNA with FNB (fluoronitrobenzene). Because with the ring contains a 

fluorine atom, we can estimate the conversion of the reaction using 19F NMR. 
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5.11.5.2. Photochemical reaction of pyridine and 1-fluoro-4-nitrobenzene 

 

We performed the reaction between pyridine and FNB in a plastic bag containing 500 ml of 

aqueous pyridine solution (5 mM) and various concentrations of FNB (30, 60 or 90 µM). 

These bags were irradiated at UV light 365 nm over several times including 24 and 72 hours. 

Table 5-11: summary of experiments performed for PNA-pyr actinometer 

Pyridine [mM] P-FNB [µM] Irradiation time (h) 

10 30 24 

10 60 24 

5 60 24 

5 90 24 

5 90 72 

5 200 72 

 

 

Figure 5-20: Reaction between pyridine and FNB 

 

Nitroarenes are particularly intriguing electrophiles, because they can interact with nucleophiles 

in a variety of ways. The aromatic ring is electron deficient due to the nitro group, primarily in 

the conjugated ortho- and para locations. Additionally, the nitro group itself is an electron-
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deficient fragment. Active single-electron-accepting compounds include nitroarenes. These 

characteristics allow for a number of starting reactions between nucleophiles and nitroarenes, 

such as direct addition to the ring to produce nitrocyclohexadienyl adducts, proton abstraction 

from the ring to produce nitroaryl carbanions, attack on the nitro group, and single-electron 

transfer (Figure 5-21).  

 

Figure 5-21: Proposed mechanism for nucleophilic substitution of halogen atoms and nitro group in nitroarenes 

[311] 

 

5.11.5.3. Kinetic study of pyridine chemical actinometers 

 

A kinetic experiments was started to track the chemical alterations that the reagents underwent 

during irradiation. For pyridine, the concentration was fixed at 5 mM, while for 1-fluoro-4-

nitrobenzene, it was 90 µM, and we added to the solution an internal standard methyl-4-

fluorobenzoate (5 mg), the bags were then exposed to radiation for 5, 10, 15, 20, 25, and 30 

minutes, respectively. 

Table 5-12: Results for the irradiation solutions for different durations 

irradiation time 

(min) 
% of FNB % of standard 

5 0.49 0.38 

10 0.34 0.23 

15 0.16 0.12 
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20 0.04 0.03 

25 0.03 0.02 

30 0.02 0.01 

 

 

Figure 5-22: Graph of log FNB vs time (s) following the irradiation 

 

Figure 5-23: Graph of log standard vs time (s) following the irradiation 

 

Surprisingly, we discovered during the kinetic study that the internal standard was react as a 

reactant due to its fluorinated structure. As a result, we drew the graph for the 2 reactants, which 

shows straight lines with slopes of -0.0612 and -0.0668, respectively. We can therefore 

conclude that methyl-4-fluorobenzoate/pyr and 1-fluoro-4-nitrobenzene/pyr have shown to be 

promising chemical actinometers. 
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The following step is to improve this type of actinometer by utilizing a non-fluorinated standard 

like TMB (trimethoxybenzene), and then to try the same actinometre process using 2.6-lutidine 

and picoline due to their structures with methyl groups to slow down their reactivity. After that, 

we may use this method with the Macopharma machines. 

 

5.12. Conclusion  
 

In this work, the main focus was to synthesis a water soluble azobenzene with the aim of using 

this one in an actinometric protocol already established in our laboratory in an attempt to 

develop a way to fight viruses and diseases with UV therapy which is the aim of Macopharma 

industry. 

To fulfill this purpose, a pure water soluble azobenzene was synthesized in two steps. Finally, 

the WSA was subjected to several experiments in order to identify its properties. Thermal 

stability, cis lifetime and ZPSS are parameters which have been analyzed during this internship, 

in order to determine if the WSA could correspond to the actinometric protocol. However, we 

succeed to isomerize the WSA in water and obtained a high amount of Z isomer, which could 

be a potential result for a ZPSS. After having made some first studies in the lab, the substance 

has been employed in the UVC and UVA machines of Macopharma. 

This method was established in order to determine the number of photons emitted during the 

irradiation by following by NMR the apparition of Z-Azobenzene and its reaching of the Photo 

Stationary State (PSS) the photon flux can be determined. But unfortunately, this procedure did 

not work when used with Macopharma machines for two reasons; first the photostationary state 

is reached with the normal irradiation time of the Macopharma illumination devices which 

demonstrate the very sensitive effect of both UVA and UVC, second the problem of 

polychromaticity of the lamp UVA which has reached the photostationary state in short time 

around 30 s. Thus, we must find a method to modulate the reactivity. Following a recent paper 

comparing the quantum yield of two widely used actinometers: p-nitroanisole/pyridine and p-

nitroacetophenone/pyridine, we present in this report the photochemical reaction between 1-

Fluoro-4-nitrobenzene and Pyridine in a Polyethylene bag that will be reproduced later on in a 

microreactor
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6. GENERAL CONCLUSION  

 

This report examines lignin from both a chemical and biological standpoint. 

Chapter 1 The structure, composition, biosynthesis, and uses of lignin were all discussed. It 

also detailed the efforts undertaken for the in vitro creation of lignin models, including chemical 

and enzymatic mechanisms. Also, the various methodologies for phenoxy radical production 

are presented. 

Chapter 2 Describes a green and simple continuous flow photooxidation method for obtaining 

the 5-5' dimer coupling derivative with a higher yield of roughly 80% by flow photo-oxidation 

of vanillyl alcohol (1) with riboflavin as photosensitizer. The strong riboflavin selectivity 

toward the dimers 5-5' and β-β’ coupling was reported for the first time in our knowledge, and 

no side products were discovered with this flow procedure. This method has various 

advantages: (i)The 5-5' dimer synthesis happens in the flow system at room temperature without 

the need of any oxidant, (ii) product purification is simple (iii) Additionally, this dimerization 

process was applied to several lignin models, yielding primarily (5-5') biphenylic derivatives. 

Chapter 3 Covered the synthesis of a lignin model by examining various pathways for the 

oxidation of vanillin, a simple lignin model chemical. It also concentrated on enzyme-catalyzed 

oxidation processes for vanillin polymerization. Vanillin oxidation via enzymatic and chemical 

pathways resulted in the creation of C-C linked divanillin. Interestingly, in addition to 

divanillin, HRP-catalyzed vanillin oxidation produced other oligomeric compounds. Following 

various purification processes, mass spectrometry examination of these oligomers showed 

several oligomeric families. Vanillin oxidation with HRP mounted on hydrophobic support 

produced purer polyvanillin. A derivatization phase showed the sort of linkages that make up 

polyvanillin, which was discovered to be primarily linked by C-O bonds, with the existence of 

a C-C bond.  

Chapter 4 Examines the behavior of HRP toward a panel of lignin modified substrates to 

propose a unique way for researching lignification peroxidases based on proximity labeling and 

click-chemistry techniques. First, the ability of HRP to perform in vitro proximity labeling of 
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proteins was assessed. HRP has endogenous tagging on its own tyrosine residues, which was 

discovered. Following that, specially engineered lignification tags were tested for their 

reactivity to HRP, allowing researchers to investigate the mechanism of peroxidase inhibition 

using various methodologies. A kinetic study revealed a complete decrease of HRP activity 

following treatment with these tags. The use of mass spectrometry enabled the discovery of 

structural alterations to the polypeptide chain of HRP caused by the oxidation of two coumaric 

acid tags, which were manifested by a coupling between lignin monomer tags and HRP-tyrosine 

residues. 

Chapter 5 provides a revolutionary method for developing an actinometric protocol in order to 

find a strategy to combat viruses and diseases utilizing UV therapy, which is the goal of the 

Macopharma enterprise. A water-soluble azobenzene was synthesized for this purpose, and it 

may be used in Macopharma's UVC and UVA machines. Because UVA and UVC have such a 

sensitive effect, a new actinometric procedure was developed to control their reactivity. In this 

chapter, we present the photochemical interaction between 1-Fluoro-4-nitrobenzene and 

Pyridine in a Polyethylene bag, which will be replicated subsequently in a microreactor.  
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